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a b s t r a c t
Salinity is a common problem under irrigated agriculture, especially in low rainfall and high evaporative demand
areas of southwestern United States and other semi-arid regions around the world. However, studies on salinity
effects on soil microbial communities are relatively few while the effects of irrigation-induced salinity on soil
chemical and physical properties and plant growth are well documented. In this study, we examined the effects
of salinity, temperature, and temporal variability on soil and rhizosphere microbial communities in sand tanks
irrigated with prepared solutions designed to simulate saline wastewater. Three sets of experiments with spinach
(Spinacia oleracea L., cv. Racoon) were conducted under saline water during different time periods (early winter,
late spring, and early summer). Bacterial 16S V4 rDNA region was ampliﬁed utilizing fusion primers designed
against the surrounding conserved regions using MiSeq® Illumina sequencing platform. Across the two sample
types, bacteria were relatively dominant among three phyla-the Proteobacteria, Cyanobacteria, and
Bacteroidetes-accounted for 77.1% of taxa detected in the rhizosphere, while Proteobacteria, Bacteroidetes, and
Actinobacteria accounted for 55.1% of taxa detected in soil. The results were analyzed using UniFrac coupled
with principal coordinate analysis (PCoA) to compare diversity, abundance, community structure, and speciﬁc
bacterial groups in soil and rhizosphere samples. Permutational analysis of variance (PERMANOVA) analysis
showed that soil temperature (P = 0.001), rhizosphere temperature (P = 0.001), rhizosphere salinity (P =
0.032), and evapotranspiration (P = 0.002) signiﬁcantly affected beta diversity of soil and rhizosphere microbial
communities. Furthermore, salinity had marginal effects (P = 0.078) on soil beta diversity. However, temporal
variability differentially affected rhizosphere microbial communities irrigated with saline wastewater. Therefore,
microbial communities in soils impacted by saline irrigation water respond differently to irrigation water quality
and season of application due to temporal effects associated with temperature.
Published by Elsevier B.V.
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1. Introduction
The southwestern United States and other semi-arid regions of
the world are areas dominated by varying warming trends (frequency of heat waves and hot extremes/drought). Intensive agriculture is
done in these regions with irrigation depending on limited available
fresh water. A survey by the International Water Management Institute listed southwestern United States as water-stressed areas
(Jimenez, 2008). Use of reclaimed waste water or other brackish
waters may be a practical solution for fresh water scarcity in these
regions, and has widely been used in arid and semi-arid regions of
the world (Fahrenfeld et al., 2013). Currently, 70% of fresh water supplies are used for irrigated agriculture (Hong et al., 2013), and this
consumptive use is not sustainable in most semi-arid regions.
Given that applications like agricultural and landscaping irrigation
do not generally require high quality water supply, reuse of treated
waste water can be an attractive option for conserving and extending available water supply (Hong et al., 2013). However, there are
many problems associated with reclaimed water that may hinder
its use for agricultural irrigation.
Salinity is one of these problems, and is frequently the single most
important parameter determining the suitability of recycled water
for agricultural irrigation (USEPA, 2004). To make matters worse,
the increase in drought due to changes in weather patterns has
exacerbated the problem of salinity (Froelich et al., 2012) and increased concentrations of pathogens during waste water discharge
due to reductions in water levels (Senhorst and Zwolsman, 2005).
Salinity affects plants and microbes via two primary mechanisms:
osmotic effect and speciﬁc ion toxicity (Oren, 1999; Chhabra,
1996). Another factor inﬂuencing plants and microbes is soil water
content. Soil water potential, which relates to the energy level by
which the water is held in the soil also correlates to soil salinity,
and it is inﬂuenced by osmotic potential in the soil solution. Drought
can also result in increased salinity of surface waters (Froelich et al.,
2012), and cause increases in soil surface hydrophobicity resulting in
greater transport of surface runoffs (Boxall et al., 2009). Therefore,
the combined problem of salinity and drought is enormous in
the southwestern USA and other arid and semi-arid regions of the
world. In fact, drought and salinity are the most important environmental factors limiting the yield of agricultural crops worldwide
(McWilliam, 1986). Global limitations of fresh water has increased
the need to reuse agricultural, municipal, and industrial waters,
some of which have high concentrations of Na + and Cl− that will
lead to reduced crop yield. The shortage of water caused by drought
and the high electrical conductivity (EC) of degraded waters has
raised the interest of farmers on how to grow high-value crops,
such as spinach, with reused irrigation waters.
The inhibitory effect of high concentrations of salts on microbial
processes is a combination of both the effects of highly negative osmotic potential and of speciﬁc ion toxicity. Recently, Rath et al.
(2016) conducted a comparative study of the effects of toxicities of
different salts, in terms of both total ionic strength (electric conductivity) and molar concentrations of added salts to disentangle the inﬂuence of osmotic potential and speciﬁc ion toxicity to soil microbial
processes. Their ﬁndings suggested a lower toxicity of SO 24 − salts
than of Cl− salts, at a similar ionic strength, for microbial respiration
rates but not for growth rates for a short-term study of b24 h. In
most saline soils of the semi-arid and arid regions of the world,
changes in salinity would be more gradual, and microbial communities would have more time to adapt, resulting in communities that
can carry out the necessary microbial functions. However, microbial
activities have been shown to remain reduced in soils that experienced high salt concentrations for longer periods of time (Wichern
et al., 2006; Sardinha et al., 2003; Setia and Marschner, 2013; Rath
and Rousk, 2015), though the direct effect of salinity remain unclear.
Microorganisms that occur in naturally saline habitats are supposed

to share a strategy for resisting to high salt concentrations, and to
have developed multiple adaptations for maintaining active populations and cope with such extreme environmental conditions
(Ma and Gong, 2013). These authors have recently updated the
available information on DNA sequences gained from a wide array
of studies on soil microorganisms in saline environments, and also
showed that there is a signiﬁcant gap in the published information
on the relevant soil properties where the microbial communities
were sampled.
The effects of salinity may be more pronounced in the rhizosphere
pursuant to increased water uptake by the plants due to transpiration.
The simple explanation for this is that life in high salt concentrations
is bioenergetically taxing because microorganisms must maintain an osmotic balance between their cytoplasm and the surrounding medium
while excluding sodium ions from the cell interior, and as a result, sufﬁcient energy is required for osmoadaptation (Oren, 2002a, 2002b; Jiang
et al., 2007). During our previous study using the same sand tanks, analyses of bacterial diversity showed that the effects of salinity, boron, and
pH were more severe on the rhizosphere bacterial population during
the ﬁrst week of growing cucumber, with decreasing impacts with
plant growth (Ibekwe et al., 2010). This study suggested that the effects
of salinity-B-pH interactions may inﬂuence microorganisms ﬁrst before
plants and may pose long term effects on soil quality. Furthermore, the
abundance and diversity of Cyanobacteria were higher in pre-plant soil
with higher salinity but dropped signiﬁcantly in the control soil (low salinity), probably in favor of species that were better adapted to lower salinities and salinity ﬂuctuations. The trend was that the longer the soil
was exposed to high salinity gradient the greater the reduction in
Cyanobacterial abundance and diversity. The same trend was shown
in the Bacteroidetes group, which was more abundant and diverse in
the control soil with low salinity. It was also interesting to note that
higher abundance of Deltaproteobacteria were more predominant in
soil with higher salinity, whereas Alpha and Gammaproteobacteria
were more predominant in control soil with low salinity. A related
study from Australia concluded that salinity may affect rhizosphere microbial community structure indirectly through root exudates quantity
and/or quality than directly through microbial toxicity, and that plant
health was a major determinant in rhizosphere microbial community
(Nelson and Mele, 2007). They showed a signiﬁcant decrease in diversity and species richness in high saline rhizosphere soil and suggested
that salinity affected utilization of several individual substrates as an indication of plant stress.
In this study we investigated the responses of soil and rhizosphere
microbial community composition to increases in salinity and drought
associated with high temperature in the southwestern United States.
Microbial communities in high-temperature environments are often
dominated by a few types of microorganisms, and are often signiﬁcantly
less diverse than those in lower temperature habitats (Benson et al.,
2013). Temperature is likely a strong factor inﬂuencing microbial community structure (Li et al., 2015). This interpretation was supported by
the results of CARD-FISH and qPCR study of soil samples collected along
a steep thermal gradient (50–90 °C) in the Tengchong Geothermal Field
(Li et al., 2015). The numbers of microorganisms were highest in the relatively low-temperature samples. The microorganism numbers correlated negatively with temperature. They suggested the possibilities
that the low-temperature environment may provide some growth factors that are essential for microbial cells. We hypothesized that bacterial
community composition across the plots (sand tanks) will change
across different growing seasons in response to increases in temperature and salinity in spinach rhizosphere and bulk soil. Three experiments were conducted during late autumn, early winter, and late
spring to coincide with spinach growing season in the southwestern
United States. By using these three seasons, we aimed to answer 1)
how richness and community composition of bacteria change in response to increases in temperature and salinity stress; and 2) whether
these responses are similar throughout the planting seasons.
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2. Material and methods
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samples were determined from nitric acid digestions by inductively
coupled plasma optical emission spectrometry (ICP-OES).

2.1. Experimental treatments
2.2. Drought treatments
The ﬁrst and second set of experiments started on 7 December 2013
and 1 April 2014, respectively, in outside large sand tanks (Ors and
Suarez, 2016) included salinity, drought and salinity drought treatments. Seeds were planted in sand culture tanks at 10 cm apart in
three rows with 40 cm between rows. Seedlings were subsequently
thinned to 25 plants per row. The sand culture tanks (1.5 × 3 × 2 m
deep) were ﬁlled with sand mixed with 10% peat moss (on volume
basis) with an average bulk density of 1.38 g cm−3 (Dias et al., 2016:
Fig. S1). At saturation, the sand had an average volumetric water content of 0.30 m3·m−3. Each plot was irrigated with solutions prepared
in an individual reservoir (1.5 m diameter × 2.2 m deep). Irrigation
water (nutrient/control and nutrient/salt solutions) was pumped from
water reservoirs (Vol = 3605 L) housed underneath the tank facility
to the sand tanks above, completely saturating and leaching the sand
culture medium. In each tank, the nutrient/salt solution returned to
the reservoir, after each irrigation, through a subsurface drainage system at the bottom of the tanks, thus maintaining an essentially uniform
and constant salinity in the root zone. (Dias et al., 2016: Fig. S1).
The third experiment was conducted in smaller sand tanks (Poss et
al., 2004) consisting of 24 experimental plant growth units (81.5 cm
wide × 202.5 cm long × 85 cm deep) containing sand with an average
bulk density of 1.4 g cm−3at the U. S. Salinity Laboratory in Riverside,
CA to determine the effects of salinity and temperature on the rhizosphere and non-rhizosphere microbial composition of spinach (Spinacia
oleracea L., cv. Racoon). Planting of spinach was done on 9 April, 10 cm
apart and 30 cm between rows. Twenty-four sand tanks, arranged in a
randomized complete design were irrigated from individual reservoirs
containing a modiﬁed half-strength Hoagland's nutrient solution combined with various salinity levels. Each tank was plumbed with PVC
pipes, one for irrigation to the sand tank, and one for return ﬂow to a
1740-L reservoir in the basement below. Both small and large tanks utilized similar irrigation systems, enabling us to maintain an essentially
uniform and constant salinity in the root zone. Initial irrigations
consisted of nutrient solution made up in Riverside tap water to ﬂush
the system. The nutrient solution utilized a modiﬁed version of a half
Hoagland's solution with (in mM): 2.5 Ca (NO3)2, 3.0 KNO3, 0.17
KH2PO4, 1.5 MgSO4, 0.05 Fe as sodium ferric diethylenetriamine
pentaacetate (NaFe-EDTA), 0.023 H3BO3, 0.005 MnSO4, 0.0004 ZnSO4,
0.0002 CuSO4, and 0.0001 H3MoO4. The base nutrient solution without
added salts served as the non-saline control (EC 0.85 dS m−1) in all
experiments.
The target electrical conductivities of the irrigation waters (ECi) of 4,
7, 9, 12, 15 dS m−1 were achieved by adding CaCl2, MgCl2, NaCl2, Na2SO4
to the base tap water-nutrient solution. Salt concentrations used were
based on UNSATCHEM model (Suarez and Simunek, 1997) to predict
the ion composition needed to achieve the target EC values. Salinity
treatments started after the ﬁrst pair of true leaves was fully expanded
on all the plants. To avoid osmotic shock to the seedlings, salt was added
in four equal increments over a four day period. Tanks were irrigated
once daily for large tanks and twice for small tanks to completely saturate the sand culture in the non-drought treatments. The ﬁrst experiment was a randomized design with three replications and four
salinity treatments including control at 0.85 dS m−1) and two different
water types dominated by sulfate and chloride ion. The second and third
experiments had 6 different EC levels including control treatment
(b 0.85 dS m−1) and only chloride ion water type. In these subsequent
experiments we used only chloride water type since the ﬁrst experiment did not show any statistical differences in spinach yields at any salinity levels between sulfate and chloride water types. Chemical
composition of the salinity treatments used in the experiments has recently been reported (Ors and Suarez, 2016). The concentrations of
Na, K, Mg, Ca, and total- S on the rhizosphere and non-rhizosphere

Soil moisture was recorded by 5-cm long moisture sensors (5TE
probes, Decagon, Pullman, WA) attached to an Em50 data logger (Decagon). The soil moisture measurements were then converted to matric
potential based on laboratory characterization of a moisture retention
curve (theta vs matric potential) of the material (Ors and Suarez,
2016). Drought treatments were designed with soil water matric pressure as control treatment D0 (ﬁeld capacity, − 33 kPa), treatment D1
(−200 to −300 kPa), and treatment D2 (−400 to −500 kPa). Drought
D1 and D2 were imposed by providing less water, and irrigating less frequently than control D0, in accordance to instrument readings to keep
matric potential within the speciﬁed limits (in kPa) mentioned above.
The average temperatures (°C) and reference evapotranspiration (ET0)
that occurred during the experiment was acquired from the California
Irrigation Management Systems (CIMIS) weather station no. 44 at University of California Riverside (Fig. 1), and the optimal temperature for
growth of spinach in California (Koike et al., 2011).
2.3. DNA extraction and V4 16S Illumina MiSeq sequencing
The rhizosphere samples were collected after shaking loosely held
soil on the roots into stomacher bags and weigh. Ten grams of non-rhizosphere samples were collected at least 10 cm away from plants. Community DNA was extracted from rhizosphere and non-rhizosphere
samples with the Power soil DNA Kit (MoBio Laboratories, Solana
Beach, CA) and stored at –20 °C after further cleanup steps with DNA
Clean and Concentrator (Zymo Research Corp-Irvine CA). Extracted
DNA (2 μL) was quantiﬁed using a Nanodrop ND-2000 C spectrophotometer (Nanodrop Technologies, Wilmington DE), and run on 1.0%
agarose gel before used for V4 16S Illumina MiSeq sequencing. DNA
was extracted from each triplicate soil sample, and pooled for the sequencing step. Hence each pooled DNA contained samples from triplicate sand tanks. Microbiota from rhizosphere and non-rhizosphere
samples were proﬁled using Second Genome's Microbiome Signature Discovery service (San Bruno, CA, USA), Illumina sequencing assays to track microbial population dynamics across the three
planting seasons. All samples were quantiﬁed via the Qubit QuantiT dsDNA High Sensitivity Kit (Invitrogen, Life Technologies, Grand
Island, NY) to ensure that they met minimum concentration and
mass of DNA. The V4 region of the 16S rRNA genes was ampliﬁed
using fusion primers 515F (5′-GTGCCAGCMGCCGCGGTAA-3′) and
806R (5′-GGACTACVSGGGTATCTAAT-3′) (Caporaso et al., 2011), and
then pooled for sequencing using the MiSeq (Illumina, San Diego, CA,
USA) instrument.
2.4. Statistical analysis of sequence data
Using the software QIIME (Kuczynski et al., 2011), UCLUST (Edgar,
2010) and MOTHUR (Schloss et al., 2009), sequences were clustered
into reference OTUs and assigned taxonomic classiﬁcation from the
Greengenes database (McDonald et al., 2012). Sequenced paired-end
reads were merged, quality ﬁltered, and dereplicated with USEARCH
(Edgar, 2013). Resulting unique sequences were then clustered at 97%
similarity by UPARSE (de novo OTU clustering) and a representative
consensus sequence per de novo OTU was determined (Edgar, 2013).
The clustering algorithm also performs chimera ﬁltering to discard likely chimeric OTUs. Sequences that passed quality ﬁltering were then
mapped to a set of representative consensus sequences to generate an
OTU abundance table. Representative OTU sequences were assigned
taxonomic classiﬁcation via mothur's bayesian classiﬁer at 80% conﬁdence; the classiﬁer was trained against the Greengenes reference database of 16S rRNA gene sequences clustered at 99%. After the taxa were
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Fig. 1. The average temperatures (°C) from 1992 to 2013 was acquired from the California Irrigation Management Systems (CIMIS) weather station no. 44 at University of California
Riverside. This period covers the period for this study from December 2012 to June 2013.

identiﬁed for inclusion in the analysis, the values used for each taxasample intersection were populated with the abundance of reads
assigned to each OTU in an OTU table. A corresponding table of OTU
Greengenes classiﬁcation was generated as well. Alpha-diversity (within sample diversity) metrics was calculated to estimate sample richness
and Shannon diversity. Beta-diversity (sample-to-sample dissimilarity)
metrics was calculated for the inter-comparison in a pair-wise fashion
to determine dissimilarity score and store it in a distance dissimilarity
matrix. Abundance-weighted sample pair-wise differences were calculated using the Bray-Curtis dissimilarity. All analyses were generated
using Second Genome R package (vegan: R package version 2.2-1).
Bray-Curtis dissimilarity was calculated by the ratio of the summed absolute differences in counts to the sum of abundances in the two samples using the Jaccard index. Hierarchical clustering maps of the
samples in the form of dendrograms and principal coordinate analysis
(PCoA) were used to visualize complex relationships between samples.
Permutational analysis of variance (PERMANOVA) was utilized to ﬁnd
signiﬁcant differences among discrete categorical or continuous variables based on Monte Carlo permutation test. Univariate differential
abundance of OTUs was tested using negative binomial noise model
for the over dispersion and Poisson process intrinsic to this data, as implemented in the DESeq2 package (Love et al., 2014), and described for
microbiome applications in (McMurdie and Holmes, 2013).
3. Results
Bacterial V4 16S rRNA gene analysis was performed to characterize
the microbial communities associated with rhizosphere and soils impacted by salinity and drought. After processing and chimera removal,
the average number of sequences was 457,509(± 128,753) for soil
and 290,327 (±94,705) for rhizosphere. The sequences were grouped
into different OTUs at 97% identity and OTUs in soils for the three planting seasons were signiﬁcantly (P = 0.001) higher than OTUs in the rhizosphere, with the highest OTU in March from soil sample and the
lowest in June from rhizosphere samples (Table 1). Coverage was between 92 and 96% for each of the sample types (bulk soil and rhizosphere for the three planting seasons). Also, Shannon diversity (H′’)
was signiﬁcantly higher (P = 0.001) in soil than in the rhizosphere.
Across the two sample types, bacteria were relatively dominant by
three phyla-the Proteobacteria, Cyanobacteria, and Bacteroidetesaccounted for 77.1% of taxa detected in the rhizosphere, while
Proteobacteria, Bacteroidetes, and Actinobacteria accounted for 55.1% of

taxa detected in soil (Table 2). At the family level, ﬁve bacterial taxa
were relatively dominant in the rhizosphere (Flavobacteriaceae,
Halomonadaceae, Pseudomonadaceae, Sphingomonadaceae, and
Comamonadaceae), and these taxa were about two- to three-fold higher
in relative percent concentrations in the rhizosphere than in the nonrhizosphere samples (Table 2).
3.1. Rhizosphere microbiomes response to salinity and temperature
The inﬂuence of salinity on rhizosphere microbial communities during the three planting seasons was separated based on PCoA of OTUs
(97% 16S rRNA identity), indicating that there was a signiﬁcant salinity
effect on community composition (PERMANOVA for rhizosphere salinity P = 0.032; Fig. 2A) calculated from the dimensional reduction of
the Bray-Curtis distance between microbiome samples, using the
PCoA ordination method. Samples were separated by month along the
primary axis (Axis 1) and secondary axis (Axis 2), and 63.8% of the sample variation was explained by the two major axes. Hierarchical clustering analysis by the ward method and Bray-Curtis distance showed that
samples were clearly separated by months (Fig.2B). Bacterial composition at the family-level abundances did not show major differences
among the eight major family members during the three seasons, indicating the overall composition of the community at low phylogenetic
resolution did not change between these environments (Fig.2C) as a result of salinity.
Rhizosphere microbiomes were signiﬁcantly (P = 0.001) affected by
temperature (month of planting). Average air temperatures in the
growing periods of experiment I, II and III were 11.9 °C, 17.9 °C,
20.15 °C, respectively. Samples were separated by month along the

Table 1
Mean (SD) values for alpha diversity metrics for each study group.
Month

Type

OTUs

No of sequence

Shannon (H′’)

June
March
May
June
March
May

root
root
root
soil
soil
soil

2527 (289)
3341 (482)
3087 (542)
3328 (432)
4548 (231)
3498 (206)

195,622 (56288)
385,032 (68251)
326,148 (51268)
420,708 (98552)
586,263 (236332)
504,256 (200235)

4.16 (0.437)
5.41 (0.759)
4.78 (0.945)
6.19 (0.321)
6.59 (0.508)
6.42 (0.162)

Soil salinity (P = 0.078); root salinity (P = 0.032), soil temperature (P = 0.001), root temperature (P = 0.001).
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Table 2
Most abundant taxa at the phylum and family level.
Phylum

Rhizosphere

Non-rhizosphere

Family

Rhizosphere

Non-rhizosphere

Proteobacteria
Cyanobacteria
Bacteroidetes
Actinobacteria
Chloroﬂexi
Planctomycetes
Acidobacteria
Verrucomicrobia

47.9 (12.2)
11.8 (10.3)
17.4 (12.3)
4.86 (2.09)
3.66 (1.66)
4.89 (1.84)
2.73 (2.15)
3.42 (0.98)

29.2 (6.93)
6.99 (6.48)
12.6 (4.70
13.3 (1.88)
9.64 (4.08)
8.01 (2.1)
5.95 (1.91)
3.28 (0.78)

Unclassiﬁed
Enterobacteriaceae
Flavobacteriaceae
Comamonadaceae
Pseudomonadaceae
Sphingomonadaceae
Halomonadaceae
Cytophagaceae

10.9 (10.2)
3.31 (5.78)
9.77 (10.8)
7.86 (4.36)
6.15 (6.74)
6.42 (2.11)
6.07 (11.3)
3.21 (2.25)

3.96 (5.76)
0.992 (3.37)
2.69 (2.37)
3.51 (1.86)
0.872 (1.04)
3.14 (1.31)
0.54 (0.56)
3.81 (1.81)

primary axis with 43.7% on PCoA 1 and 18.9% on PCoA2 resulting 62.6%
of the sample variation being explained by the two major axes (data not
shown). The effects of temperature on eight major taxa at the family-

level abundance were analyzed and were grouped according their relative abundances (Fig. 2D). The group designated as ‘Others’ contained
N40% of the taxa not included in Fig. 2D, and this group occupied the

Fig. 2. Weighted ordination in the rhizosphere: (A) Dimensional reduction of the Bray-Curtis distance between microbiome samples, using the PCoA ordination method. (B) Hierarchical
Clustering by the ward method and Bray-Curtis distance (C) Most Abundant bacteria at the family level in the rhizosphere with no signiﬁcant differences due to salinity. Spearman values
are shown with relative abundance mean values with standard deviation (SD). (D) Top 8 most abundant families in root-temp comparison.
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Fig. 2 (continued).

top portion of Fig. 1D. Data are presented from experiment I in March to
experiment III in June with different salinity ranges. Unclassiﬁed members were the highest in May and lowest in March. Seasonality favored
the proliferation of different bacterial families. Wilcoxon signed rank
sums and mean relative abundances for family-level taxa between temperature groups (months) are provided in Tables 3-5. The inﬂuence of
temperature on relative abundance at the family level were signiﬁcantly
different for the unclassiﬁed (P = 0.002), Flavobacteriaceae (P = 0.036),
Comamonadaceae (P = 0.010), and Pseudomonadaceae (P = 0.010)

between March and May (Table 3). The effect of temperature on rhizosphere bacterial composition between March and June was different
from that of March and May. In June the temperature was on the average about 8 °C warmer than March and this signiﬁcantly affected the
eight major bacterial families except Sphingomonadaceae (Table 4).
However, temperature effects on bacterial composition between May
and June (Table 5) showed signiﬁcant impacts on Flavobacteriaceae
(P = 0.036), Halomonadaceae (P = 0.036), Pseudomonadaceae (P =
0.036), Enterobacteriaceae (P = 0.036), and Cytophagaceae (P =

A. Mark Ibekwe et al. / Science of the Total Environment 579 (2017) 1485–1495
Table 3
Wilcoxon signed rank sum test for March and May on top 8 most abundant families affected by rhizosphere temperature.
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Table 5
Wilcoxon signed rank sum test for May and June on top 8 most abundant families affected
by rhizosphere temperature.

Family

P b 0.05

March mean (sd)a

May mean (sd)

Family

P b 0.05

May mean (sd)a

June mean (sd)

Unclassiﬁed
Flavobacteriaceae
Comamonadaceae
Halomonadaceae
Sphingomonadaceae
Pseudomonadaceae
Enterobacteriaceae
Cytophagaceae

0.002
0.036
0.010
0.58
0.10
0.010
0.36
0.20

0.985 (0.372)
17.9 (14)
11.9 (2.35)
0.407 (0.0358)
5.56 (0.591)
5.19 (2.98)
0.0291 (0.0194)
5.75 (2.44)

17.2 (13.8)
11.5 (12.6)
7.6 (2.14)
0.0808 (0.061)
7.3 (1.47)
0.269 (0.157)
0.0471 (0.0271)
3.25 (0.982)

Unclassiﬁed
Flavobacteriaceae
Comamonadaceae
Halomonadaceae
Sphingomonadaceae
Pseudomonadaceae
Enterobacteriaceae
Cytophagaceae

0.295
0.036
0.093
0.036
0.295
0.036
0.036
0.036

19.7 (11.4)
10.7 (9.81)
7.04 (1.88)
0.773 (1.42)
7.94 (1.58)
0.434 (0.304)
0.0363 (0.0269)
2.91 (0.942)

11.8 (3.73)
1.21 (0.325)
3.7 (1.94)
17.4 (14.1)
6.06 (2.74)
13.2 (6.75)
9.87 (6.01)
1.2 (0.393)

a
Percent relative abundance means are provided. Average temperature in March was
15.94 °C, May 17.9 °C, June 20.15 °C.

a
Percent relative abundance means are provided. Average temperature in March was
15.94 °C, May 17.9 °C, June 20.15 °C.

0.036). It should be that taxa within Halomonadaceae are known for
high thermal tolerance and adapted to growing in high salt concentrations (Vreeland 1992).

Daily mean evapotranspiration (ET0) signiﬁcantly (P = 0.022) affected soil microbial composition during the three growing periods.
Daily mean evapotranspiration (ET0) values of each experiment and
growing periods as number of days was recently reported in a related
study (Ors and Suarez, 2016). These authors showed that ET0 values
showed seasonal differences in water demand among the experiments
with very low ET0 value in experiment 1, averaging 1.96 mm during
the ﬁrst ten days. During experiments II and III the minimum ET0 values
were 4.43 and 6.36, respectively. It should be noted that the average
temperatures in the growing periods of experiment I, II and III were
11.9 °C, 17.9 °C, and 20.15 °C, respectively. This resulted in the potential
evapotranspiration (PET) decrease during the course of the experiments
from 276.3, 240.6 and 202.1 mm with increasing temperature for experiment I, II and III, respectively. PERMANOVA analysis also showed that
Ca (P = 0.174), Cl (P = 0.383), Mg (P = 0.262), Na (P = 0.161), and
SO4 (P = 0.091) did not signiﬁcantly contribute to the beta-diversity
of our samples.

3.2. Soil microbiomes response to salinity and temperature
Salinity was not a signiﬁcant driver for microbial taxa composition
beta-diversity using weighted ordination (Fig.3A) or hierarchical clustering (Fig. 3B) as samples from each month clustered together, indicating that there was no signiﬁcant salinity effect on bacterial community
composition (PERMANOVA for soil salinity P = 0.078; Fig. 3A) calculated from the dimensional reduction of the Bray-Curtis distance between
microbiome samples, using the PCoA ordination method. Samples separated by month along the primary axis (Axis 1) and secondary axis
(Axis 2) as 62.6% of the sample variation was explained by the two
major axes. Bacterial composition at the family-level abundances did
not show major differences due to salinity among the eight major family
members except Comamonadaceae (P = 0.031) during the three
seasons (Fig.3C). As a result of high alpha diversity in soil samples,
the top 8 most abundant families covered b 50% of the total abundance
in soil microbiomes. There were no signiﬁcant differences in the
eight major family taxa abundances between March and May
(Table 6), but there were signiﬁcant differences in relative abundances
of Cytophageaceae (P = 0.001), Comamonadaceae (P = 0.001),
Sphingomonadaceae (P = 0.035), and Flavobacteriaceae (P = 0.002), between March and June (Table 7). Soil microbial composition was significantly different for Cytophageaceae (P = 0.036), Comamonadaceae
(P = 0.036), A4b (P = 0.036), Hyphomicrobiaceae (P = 0.036), and
Planctomycetaceae (P = 0.036) between May and June (Table 8). The effects of temperature on eight major taxa at the family-level abundance
were analyzed and were grouped according their relative abundances
(Fig. 3D). Because of high alpha diversity in soil samples, the top 8
most abundant families covered b50% of the total abundance in
soil microbiomes. The relative abundances of Cytophageaceae,
Comamonadaceae, A4b, Hyphomicrobiaceae and Planctomycetaceae
were signiﬁcantly different between May and June as discussed above.

Table 4
Wilcoxon signed rank sum test for March and June on top 8 most abundant families affected by rhizosphere temperature.
Family

P b 0.05

March mean (sd)a

June mean (sd)

Unclassiﬁed
Flavobacteriaceae
Comamonadaceae
Halomonadaceae
Sphingomonadaceae
Pseudomonadaceae
Enterobacteriaceae
Cytophagaceae

0.001
0.001
0.001
0.001
1.00
0.020
0.001.0
0.010

0.985 (0.372)
17.9 (14)
11.9 (2.35)
0.407 (0.0358)
5.56 (0.591)
5.19 (2.98)
0.0291 (0.0194)
5.75 (2.44)

12.7 (4.24)
1.07 (0.234)
3.88 (2.47)
19.8 (17.3)
6.09 (3.1)
11.8 (8.15)
11.4 (5.29)
1.09 (0.436)

a
Percent relative abundance means are provided. Average temperature in March was
15.94 °C, May 17.9 °C, June 20.15 °C.

4. Discussion
The average temperatures for spinach growth is between 15 and
20 °C (FES, 2005), and in this study, the average temperatures in the
growing periods of experiment I, II and III were 5.94 °C, 17.9 °C,
20.15 °C, respectively (Fig. 1). This resulted in signiﬁcant (P = 0.022)
ET0 effects on soil microbial composition during the three planting seasons due to differences in water demand. The growing period was
therefore longest for the ﬁrst experiment, shorter for the second experiment and shortest for the third experiment, consistent with the increasing temperature during the growing period of experiments I–III.
Again, this resulted in a signiﬁcant temperature effects on soil microbial
composition (P = 0.001) and rhizosphere mocrobial composition (P –
0.001). As recently reported (Ors and Suarez, 2016), during the ﬁrst experiment, ET0 was very low during the ﬁrst ten days, averaging 1.96 mm
d− 1. In contrast, the minimum ET0 values were 4.43 and 6.36 mm
d−1for experiments II and III, respectively. Therefore, growing period
was the longest for the ﬁrst experiment and shortest for the third experiment, while experiment II was intermediate. The high temperature
corresponded with increasing solar radiation from experiment I to III
while relative humidity was similar for the three experiments based
on CIMIS weather station no. 44 at University of California Riverside.
In the present study a thorough evaluation of soil characteristics was
supported by Illumina sequencing of the V4 16S rRNA gene region to investigate the bacterial community structure and diversity in rhizosphere and non-rhizosphere soils plant with spinach under different
salinity stress condition in a semi-arid region of southern California. Traditionally, soil quality is associated with productivity, but recently it has
been deﬁned in terms of sustainability, that is, the capacity of the soil to
absorb, store and recycle water, minerals and energy such that the production of the crops can be maximized and environmental degradation
minimized (de Souza Silva and Fay, 2012). Thus preservation of soil
quality is a critical factor for environmental sustainability and increases
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in microbial diversity is the major factor that can signiﬁcantly impact
soil quality and sustainability. In dry and hot climates, such as those
found in most semi and arid regions, the low soil moisture content
and soil salinity may be the most stressful factors for the soil microbial
ﬂora, and frequently occur simultaneously with drought (de Souza
Silva and Fay, 2012). The effect of salinity-induced soil microbial communities has always been more pronounced in the rhizosphere due to
the increase in water absorption by the plants due to transpiration.
This is in agreement with our study, which shows signiﬁcant effects of
salinity on rhizoshere microbial community (P = 0.032). The simple explanation for this is that life in high salt concentrations has a high bioenergetic taxation, since the microorganisms need to maintain osmotic
equilibrium between the cytoplasm and the surrounding medium for
the exclusion of sodium ions from inside the cell, therefore requiring
high energy for osmo-adaptation (Oren, 2002a, 2002b; Oren, 2013;

Jiang et al., 2007). Salt requirement and tolerance may be temperature-dependent, with salt tolerance and requirement being enhanced
at increased temperatures (Mullakhanbhai and Larsen, 1975; Novitsky
and Kushner, 1975).
Most microorganisms have relatively restricted salt concentration
range for growth, except Halomonas elongata, which is a well-known
example of a bacterium that can adapt to life over the whole salt concentration range from near fresh water to halite saturation. (Vreeland
et al., 1980). In this study many species in the genus Halomonas and in
the family Halomonadaceae (Gammaproteobacteria) were found in our
study both in the soil and in the rhizosphere samples throughout the
three experiments. Their relative percent concentrations were signiﬁcantly higher (P = 0.036) in June than in May in the rhizosphere, indicating higher salinity stress did not affect them (Table 5) despite
temperatures being higher than in spring. Halophilic behavior is found

Fig. 3. Weighted ordination in soil: (A) Dimensional reduction of the Bray-Curtis distance between microbiome samples, using the PCoA ordination method (B) Clustered by the ward
method and Bray-Curtis distance (C). Plot shows the most abundant taxa at the Family level with no signiﬁcant differences due to salinity except Comamonadaceae. Spearman values
are shown with relative abundance mean values with standard deviation (SD) (D) Top 8 most abundant families in soil temp comparison.
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Fig. 3 (continued).

all over the phylogenetic tree of the prokaryotes (Oren, 2002a, 2002b,
2008, 2010), most halophilic bacteria characterized in this study belong
to the Gammaproteobacteria, and some moderate halophiles in other
subgroups of the Proteobacteria, the low G + C and the high G + C
Firmicutes, the Cyanobacteria, the Bacteroidetes, and the Actinobacteria.
Due to potential global warming, it is expected that some geographic
areas such as the southwestern USA, will experience some increases in
temperature, receive less springtime precipitation, and have more frequent and severe droughts (Karl et al., 2009), in turn leading to higher

soil salinity. Physiological stress, such as drought, will ultimately result
in decreased microbial diversity, favoring those organisms that are
best adapted to the stress (Kohler et al., 2010). Losses in biodiversity
are expected to occur due to climate change and these changes may
lead to some unexpected consequences such as the proliferation of
pathogenic species due to a lack of competitor organisms (Altizer
et al., 2013). For example, a previous study found that soil with reduced
microbial diversity allowed for increased survival of an introduced E. coli
O157:H7 (van Elsas et al., 2007, 2011). In fact, the general ecological
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Table 6
Wilcoxon signed rank sum test for March and May on top 8 most abundant families affected by soil temperature.

Table 8
Wilcoxon signed rank sum test for May and June on top 8 most abundant families affected
by soil temperature.

Family

P b 0.05

March mean (sd)a

May mean (sd)

Family

P b 0.05

May mean (sd)a

June mean (sd)

Unclassiﬁed
Cytophagaceae
Comamonadaceae
A4b
Sphingomonadaceae
Hyphomicrobiaceae
Flavobacteriaceae
Planctomycetaceae

0.86
0.58
0.10
0.10
0.10
0.10
0.10
0.10

7.57 (11.3)
5.56 (1.65)
5.79 (1.69)
1.00 (0.169)
4.38 (0.64)
2.78 (0.416)
5.08 (1.79)
1.20 (0.199)

2.36 (1.040
4.32 (0.423)
3.77 (1.21)
5.28 (1.02)
2.25 (0.329)
4.20 (0.528)
1.30 (1.21)
3.53 (1.17)

Unclassiﬁed
Cytophagaceae
Comamonadaceae
A4b
Sphingomonadaceae
Hyphomicrobiaceae
Flavobacteriaceae
Planctomycetaceae

0.208
0.036
0.036
0.036
0.834
0.036
0.402
0.036

2.36 (1.470
4.38 (0.357)
3.37 (1.13)
5.44 (0.875)
2.35 (0.30)
4.06 (0.486)
1.16 (0.973)
3.42 (0.937)

4.02 (4.18)
1.64 (0.2380
1.74 (0.419)
2.06 (0.235)
2.33 (0.658)
0.956 (0.287)
2.02 (2.13)
1.96 (0.715)

a
Percent relative abundance means are provided. Average temperature in March was
15.94 °C, May 17.9 °C, June 20.15 °C.

a
Percent relative abundance means are provided. Average temperature in March was
15.94 °C, May 17.9 °C, June 20.15 °C.

principle of prokaryotic diversity states that as the factors in the environment become more extreme, the species that might be harbored
will be less diverse (Frontier, 1985; Andrei et al., 2015). At the moment,
reproducibility of this pattern is uncertain for microbial communities;
however, several studies have found evidence for a declining tendency
in prokaryotic diversity along increasing salinity gradients (Benlloch et
al., 2002; Hollister et al., 2010). Along these lines, drought may inhibit
some populations of native soil microﬂora while allowing for some of
the more resistant groups of pathogenic bacteria, such as Staphylococcus, Clostridium and Bacillus, to survive. These unwanted events will definitely impact the way agriculture would be practiced in most arid and
semi-arid regions of the world. For instance soil salinity can increase
during time of drought, and has been found to be negatively correlated
to the survival rate of E. coli O157:H7 in soils from leafy-green producing
areas of the southwestern USA (Ma et al., 2012). Other consequences of
drought-like conditions, such as those brought on by longer and drier
summers, can lead to increases in soil surface hydrophobicity and
cause more material to be transported as runoff when rain ﬁnally does
arrive (Boxall et al., 2009).
Understanding the effect of changes in salinity and water content
on soil microorganisms is important for crop production, sustainable
land use, and rehabilitation of saline soils (Yan et al., 2015). In this
study, and other related studies using the sand tanks, the effects of
soil salinity and water content on microbial communities above
and below ground, and on plant growth, may provide some guidance
unto future research into management of saline soils (Ors and
Suarez, 2016; Ibekwe et al., 2010). One of the most important
challenges facing the scientiﬁc community today is predicting the
outcome of global climate change on ecosystem functioning. However, there is a large body of evidence, as discussed in this study, that
suggests that the increase in drought is likely to result in higher
salinity in the drier regions of the world. Due to the complexity of
soil microbial communities and the virtually inﬁnite ways in which
different climate drivers such as temperature, precipitation, ET0
and their interactions might affect soil microorganisms and their activities (Bardgett et al., 2008), the impact of drought and salinity on

soil microbial communities seems difﬁcult to impossible to predict with
full certainty until we collect more long term data from both control and
ﬁeld data. As seen in this study, the impact of drought and salinity on
microbial communities or changes in climate drivers in soil, may be
mostly associated with the rhizosphere.
Bacterial composition at the family-level abundances in the rhizosphere did not show major differences among the eight major family
members during the three seasons, suggesting the overall composition
of the community at low phylogenetic resolution did not change signiﬁcantly between these environments (Fig.2C) as a result of salinity. Thus,
the changes in bacterial community composition as a result of salinity effects were primarily at a higher phylogenetic order. On the order hand the
effect of temperature was signiﬁcant among some of the major eight taxa,
suggesting that temperature was a driving force at low phylogenetic
resolution. Organismal classes preferentially found to be signiﬁcant
different during different temperature were Sphingomonadaceae,
Flavobacteriaceae, Halomonadaceae, Pseudomonadaceae, Enterobacteriaceae, and Cytophagaceae. Bacterial community composition and functional
potential may change subtly across gradients in the sand tanks due to
salinity or temperature. While there are signiﬁcant phylogenetic divergences between communities in the tanks due to temperature than salinity, the underlying mechanisms to this phylogenetic structuring remain
unknown. We believe that the functional potential of natural bacterial
communities in the sand tanks must be fully evaluated since they are continuously used as experimental units and as natural soil ecosystems for
growing many crops since they were setup in 1995.

Table 7
Wilcoxon signed rank sum test for March and June on top 8 most abundant families affected by soil temperature.
Family

P b 0.05

March mean (sd)a

June mean (sd)

Unclassiﬁed
Cytophagaceae
Comamonadaceae
A4b
Sphingomonadaceae
Hyphomicrobiaceae
Flavobacteriaceae
Planctomycetaceae

0.58
0.001
0.001
0.10
0.035
0.10
0.002
0.20

7.57 (11.3)
5.56 (1.65)
5.79 (1.69)
1.00 (0.169)
4.38 (0.64)
2.78 (0.416)
5.08 (1.79)
1.20 (0.199)

2.56 (2.22)
1.73 (0.219)
1.96 (0.298)
2.12 (0.2410
2.22 (0.741)
1.02 (0.337)
2.37 (2.65)
1.86 (0.589)

a
Percent relative abundance means are provided. Average temperature in March was
15.94 °C, May 17.9 °C, June 20.15 °C.

5. Conclusion
In this study, different concentrations of bacteria were found in soil
and rhizosphere of spinach exposed to increasing concentrations of
salt in irrigation water that ranged from ≈1.0 to 15 dS m−1 of irrigation
water during three seasons of production. According to our results, increasing soil and rhizosphere temperature signiﬁcantly affected microbial composition. However, the effect of soil salinity on microbial
composition was marginal, indicating that rhizosphere microbial community may experience salinity stress much faster than soil microbial
population. During our study, March was cooler than both May and
June; however, rhizosphere and soil microbiome samples in March
and May were more similar than to those isolated in June. Rhizosphere
microbial composition from both March and May samples contained
high relative abundances of Flavobacteriaceae, while June samples
contained high relative abundances of Halomonadaceae. However, soil
microbial composition between May and June signiﬁcantly differed in
the relative abundances of Cytophagaceae, Comamonadaceae, A4b,
Hyphomicrobiaceae, and Planctomycetaceae. Therefore, temporal variability associated with temperature differentially affected soil and rhizosphere microbial community composition.
Supplementary data to this article can be found online at http://dx.
doi.org/10.1016/j.scitotenv.2016.11.151.
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