
Foliar Diseases Caused by Fungi

Alternaria Blight

Alternaria blight of chickpea occurs sporadically.  It can cause significant damages under specific conditions in certain parts of India, where studies showed that the disease can reduce yield by 30-40% in comparison with plots treated with fungicides. The disease also occurs on lentil.  It is reported from Bangladesh, Hungary, India, Nepal, Pakistan, Sri Lanka, Syria, Turkey, and USA. Most of the available information is based on Alternaria blight of chickpea. 
Symptoms

Symptoms of Alternaria blight can occur on all above ground parts of the plant.  It usually starts at leaf margins and tips as pale brown lesions on older lower leaves (Fig. 1).  Water soaked spots develop and become brown to dark brown.  Affected leaves become dark and fall off.  Lesions increase in size and may cover the whole leaf, resulting in leaf blight symptoms (Fig. 2). Under severe infections, leaves become blighted, dry up and become straw colored. The disease produces dark brown and elongated lesions on stems.  It can spread to branches, petioles and flowers.  Infected flowers turn dark brown (Fig. 3), abort and fall off.  Lesions on pods include dark brown to black spots.  Seeds inside infected pods are shriveled, deformed and turn black.  Heavy sporulation under moist condition may turn the infected plants blackish.
Causal organism

Alternaria blight is caused by the fungus Alternaris alternata (Fr.) Keissler (syn. A. tenuis Nees).  Its teleomorph (sexual state) is Pleospora infectoria Fuckel. It develops gray to olivaceous black colonies on potato dextrose agar.  Conidiophores arise in tufts, are one to four septate, straight to geniculate, bearing prominent conidial scars.  Conidia are in chains, light brown to dark brown, smooth or warted, muriform with 2 to 5 septa transversely and 1 to 2 septa longitudinally (Fig. 4), with a short beak. Its sexual state has not been found on either chickpea or lentil plants.

The optimum temperature for growth and sporulation of A. alternata from chickpea is 25(C, but it can grow at a wide range of temperatures (7 to 35(C). 

Alternaria spp. are known to produce phytotoxins.  Cultural filtrates of A. alternata isolates from chickpea inhibited seed germination and growth of plumules, induced necrosis on radicles, and stopped seed development when applied to young pods. 

Disease cycle and epidemiology

Alternaria alternata is reported to infect more than 400 plant species.  Inoculation studies using chickpea isolates have found that it can infect 17 plant species including chickpea, lentil, pea, mungbean, and cowpea. 

The pathogen is seed-borne externally and internally on both chickpea and lentil, and can survive on infected or contaminated chickpea seeds for 20 months at room temperature.  Infested seeds serve as source of primary inoculum.  Secondary spread is by conidia through the air.  Conidia germinate best at 26(C and >95% relative humidity.  Germlings enter plant through stromata by means of appressoria and infection pegs.  The hyphae extend and remify intercellularly first then intracellularly in the palisade and parenchymatous cells.  The most favorable conditions for infection, symptom development and sporulation are 24 to 28(C and >85% relative humidity.   Conidia are formed most favorably during the day (probably induced by light) and released during the night when relative humidity is high.

Chickpea plants are susceptible at all growth stages, but susceptibility increases as plant ages.  Thus the high levels of disease at later growth stages may be due to inoculum build-up, favorable weather conditions and increased susceptibility of the host plant.

Management

Planting resistant cultivars is the most effective means of managing the disease.  At least 25 chickpea cultivars/accessions are reported to be resistant or highly resistant to Alternaria blight.  Resistance could be physiological or due to plant architecture. Leafy cultivars showed high levels of susceptibility.  Resistant cultivars tend to contain higher levels of total phenols and otho-dihydric phenols.  Leaf exudates of resistant cultivars were less suitable for spore germination that exudates from susceptible cultivars.

 Lower plant density and reduced irrigation will help reduce disease incidence and severity.  Seed treatments with fungicides (carbendazim) can protect the seedlings for up to 40 days.  Fungicide sprays (mancozeb or triforine) may be applied when necessary.
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Fig. 1. Signs of early infection by Alternaria alternata at the tips of lentil leaflets. (Courtesy ICARDA)
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Fig. 2. Water soaked circular and purple lesions of Alternaria blight surrounded by chlorotic tissues without definite margins on chickpea leaves. (Courtesy ICRISAT)
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Fig. 3. Chickpea flowers infected by Alternaria alternata turn brown and purple. (Courtesy ICRISAT)
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Fig. 4.  Conidiophores and conidia of Alternaria sp.  A. Conidiophore and chain of conidia; B. simple conidiophore; C. proliferating conidium; D. conidia.  (Reproduced from Illustrated Genera of Imperfect Fungi, 4th ed. by H. L. Barnett and B. B. Hunter, APS Press, 1998)

ANTHRACNOSE 

Lentil

The term anthracnose is used to describe lesions caused by a fungal pathogen on leaves, stems and/or fruits that are sunken, necrotic and often well defined by an almost black border. Anthracnose symptoms on lentil are caused by Colletotrichum truncatum (Schw.) Andrus & Moore.  The disease is most serious in western Canada where it was first discovered in 1987 in the province of Manitoba and three years later in Saskatchewan. In 1992, lentil anthracnose was simultaneously found in North Dakota, USA and Bulgaria and there is good evidence that it also occurs in Brazil, Pakistan, Bangladesh, Ethiopia, Morocco, and Syria. Brown patches of lodged and dying plants can be seen in anthracnose-infested fields resulting in lower seed yield ranging from a few percent to complete loss of the crop (Fig. 1). Seeds from infested fields are discolored and more or less shriveled (Fig. 2), which is particularly damaging as lentil is mostly used for human consumption. Isolates of C. truncatum from lentil are able also to infect faba bean (Vicia fabae L.) and other Vicia species. Colletotrichum capsici (Syd.) E.J. Butler & Bisby and C. dematium (Pers.ex Fr.) Grove are known to infect chickpea causing Colletorticum blight in India.

Symptoms

The first anthracnose symptoms in lentil crops can usually be seen as necrotic, tan colored lesions on lower leaflets when the plants have between 8 and 12 nodes or at the beginning of flowering. Symptoms may develop earlier in fields with large amounts of anthracnose-infected debris from previous lentil crops. The infected leaflets in the lower canopy wilt and fall to the ground (Fig. 3). This premature leaf drop is typical for anthracnose and indicates that the disease may become a serious problem. Lesions on the stems develop soon after the appearance of leaf lesions, primarily at the base of the plant (Fig. 4). Stem lesions vary in size and color from tan to dark brown often with a defined black border, and the deepest lesions create indents along the stem, which also is characteristic of anthracnose (Fig. 5). As the growing season progresses, lesions develop on the upper parts of the plant, some coalesce and stems become girdled (Fig 6). Acervuli with black setae, protruding above the spore mass, develop in lesions on leaflets and stems and can be seen at 10-15 times magnification (Fig. 6). Black, pinhead sized microsclerotia are visible with the unaided eye in some lesions particularly on the stem base (Fig. 4). Defoliation and stem girdling greatly reduces uptake of water and nutrients and it eventually leads to wilting of plants (Fig. 7). As a result, large areas of brown and lodged lentil plants become evident in the crop (Fig 1). All above-ground plant parts can be infected by C. truncatum including pods and seeds.  The surface of infected pods turns brown and necrotic and sometimes defined lesions appear (Fig. 8); however, these symptoms are difficult to distinguish from physiological damage and natural ripening. Severely infected seeds have brown discolored spots and are more or less shriveled (Fig. 2), but not all infected seeds have symptoms. Ascochyta lentis (Vassiljevski) causes similar symptoms on leaflets, stems, pods and seed to those caused by C. tuncatum. Only the presence of acervuli and microsclerotia formed by C. truncatum (Fig. 6) or pycnidia formed by A. lentis (see Ascochyta blight) makes it possible to distinguish between the two pathogens with certainty. 

Disease cycle and epidemiology

Colletotrichum truncatum survives as microsclerotia on infested lentil debris left in the field after harvest. A study of its longevity in western Canada showed the pathogen was viable for 3 years when infested debris was buried in the soil, but was significantly reduced after one year when left exposed to weather extremes on the soil surface. However, survival of the pathogen is likely to differ under other climatic conditions. 
Microsclerotia on lentil debris left in the soil from previous anthracnose-infected crops are the primary source of inoculum. Lentil plants are most susceptible 4 - 6 weeks after planting. The initial infection occurs when microsclerotia or conidia come in contact with lower stems and leaves. Infected plants may not show symptoms immediately, but spraying of a plant sample with a herbicide, such as paraquat (0.3% a.i.), desiccates the tissue and induces sporulation of C. truncatum (Fig. 6). A new generation of conidia forms in acervuli on infected stems and leaflets, including those that have dropped to the ground.
Secondary spread occurs when conidia are splashed by rain droplets to the upper canopy and to neighboring plants or further by splashing rain.  The disease is polycyclic and can rapidly spread within a field in periods of rain and high temperature. The optimum conditions for infection are 24 hours of leaf wetness and temperatures between 20 and 24oC. Under these conditions, the incubation and latent periods are approximately 7 and 13 days in susceptible cultivars, but the rate of disease development is greatly reduced at temperatures less than 15oC.  In partially resistant cultivars the incubation and latent periods are 16 and 30 days, which also reduce disease progression. 
Pods may become infected, and the fungus can grow through the pod wall into the seeds. However, seeds from anthracnose-infected crops have generally less than one percent infection. The most severely infected seeds do not germinate, but despite several attempts, it has not been possible to demonstrate to what degree anthracnose is transmitted from infected seeds to seedlings.  Undoubtedly, C. truncatum on seed can introduce the pathogen into areas where anthracnose was not previously a problem. An important source of inoculum is dust contaminated with microsclerotia dispersed by wind over long distances during swathing and combining of anthracnose-infected crops.  Debris left in fields of lentil stubble also harbor microsclerotia and pod walls and small stem pieces in particular are easily spread by wind to neighboring fields.

Causal organism

Anthracnose of lentil is caused by Colletotrichum truncatum (Schw.) Andrus and Moore. 

Conidia and setae are formed in acervuli on infected stems and leaflets (Fig. 6). The conidia are single-celled, hyaline and slightly falcate 18 - 30 µm x 3 - 6 µm. Most conidia have one truncate and one slightly tapered end, and a centrally located nucleus is sometimes visible at 200 times magnification. Dark brown setae, 60 and 120 µm x 3.5 - 8.0 µm, with one or two septa protrude above the conidial masses. Setae develop abundantly on the host but gradually become displaced by formation of microsclerotia (Fig. 6). Microsclerotia measure less than a millimeter and consist of several hundred heavily melanized cells, which help the pathogen survive on infected plant debris or freely in the soil in periods when a host crop is absent. When cultured on nutrient rich substrates C. truncatum grows slowly and microsclerotia predominate over conidial formation. 

Colletotrichum truncatum is a hemibiotrophic pathogen on lentil. When a conidium lands on the host surface a germ tube develops within 3-6 hours, and a melanized, clavate appressorium, 7 - 12 µm x 5 - 8 µm, forms after 6 to 12 hours. An infection peg develops from the appressorium and directly penetrates the wall of a single epidermal cell.  Primary hyphae grow within the cell without disrupting the plasma membrane and this biotrophic phase lasts for 48 to 72 hours. It is succeeded by a necrotrophic phase when secondary hyphae begin colonizing the surrounding tissue both inter- and intracellularly. Macroscopically the infection remains symptomless for 5-6 days after which cells plasmolyze and necrotic lesions become visible. In partially resistant lentil lines, deposits of lignin and phenolic compounds can be observed around the secondary hyphae, but this defense response is absent in susceptible lines.  


Two morphologically identical races of C. truncatum from lentil have been identified in western Canada based on their pathogenicity on a number of lentil lines. Isolates of race Ct1 are unable to infect differential lines, such as the cultivar ‘Indianhead’ and germplasm lines PI320937, PI345629 and PI468901 (U. S. Department of Agriculture, ARS, Pullman, WA), while isolates of race Ct0 are virulent on these lines. Single major genes, either dominant or recessive, confer resistance to race Ct1.

Colletotrichum truncatum isolated from lentil readily infects faba bean (Vicia faba L.) under field conditions, and the pathogen forms acervuli with setae and microsclerotia on all above ground plant parts.  Other Vicia species are also susceptible such as yellow vetch (V. sativa L.) and narrow-leaf vetch (V. americana Muhl. ex Willd.).  The host range among legume crops is restricted to pea (Pisum sativum L.). Here reproduction of C. truncatum is limited to formation of microsclerotia on the tendrils, which appear to be the only susceptible tissue, as no sporulation can be found in the small, non-spreading lesions that form on leaves and stems under field conditions.

Comparison of DNA sequences of ribosomal internal transcribed spacer regions among Colletotrichum spp. isolated from different host plant species showed the pathogen from lentil is genetically different. This, together with the narrow host range and localized hemibiotrophic mode of infection, indicates that the pathogen from lentil could be designated as a forma speciales of C. truncatum. 
A teleomorph of C. truncatum pathogenic on lentil has not been found in nature, but it has been induced in the laboratory by inoculating stem pieces with different isolates. Perithecia, 200 - 250 µm x 110 - 320 µm, with mature asci developed after 10-14 days. These were mostly obpyriform with an elongated neck. The asci measured 53 - 142 µm x 5 - 14 µm and each contained eight single-celled ascospores, 12-20 µm x 5-8 µm. The sexual stage was tentatively named Glomerella truncata sp. nov. 

Management
Lentil germplasm resistant to race Ct1 has been identified in collections held in Canada and the US, but all germplasm tested so far has been susceptible to race Ct0.  Germplasm lines with resistance to race Ct1 have been utilized in Canada to develop cultivars with improved level of anthracnose resistance under field conditions.  However, management practices such as crop rotation and foliar fungicide application are still needed to reduce the impact of the disease. A three year period without lentil or faba bean is recommended to allow adequate reduction of soil borne inoculum. Also, tillage of anthracnose-infected crops should be avoided in areas with long, cold winters to take advantage of the breakdown that occurs on the soil surface when the pathogen is exposed to extreme temperatures and repeated wetting and drying. The fact that inoculum is carried by wind should be taken into consideration when placing a new lentil crop in relation to an anthracnose-infested field.  

Although lentil anthracnose is not highly seed-borne, pathogen-free seed lots should be selected for sowing to ensure good plant establishment and to avoid introduction of the disease.  Seed testing laboratories in Canada use a seed plating technique to determine infection levels of both C. truncatum and Ascochyta lentis. Fungicide treatment of seeds to control anthracnose is not recommended mainly because the level of seed-to-seedling transmission is unknown, and efficacy data are not available. In contrast, several foliar fungicides efficiently control anthracnose when applied preventatively, such as cholorothalonil and several strobilurin products, which also have a slightly systemic effect. The optimum time of application is between the 8 and 12-node stage or approximately one week prior to flowering. An above normal and premature leaf drop at this time is the best indication that anthracnose is likely to become a problem.  It is important to apply a fungicide before the canopy closes the rows in order to obtain the best possible coverage of the lower stems which are most susceptible. Under high disease pressure and frequent rainfall a second application 10-14 days later may be necessary (Fig.1).  
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Fig. 1. Field of lentil severely infected by anthracnose resulting in large areas of brown and heavily lodged plants compared with a fungicide treated plot in the background. (Courtesy L. Buchwaldt)
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Fig. 2. Lentil seed with brown discolorations caused by Colletotrichum truncatum. (Courtesy L. Buchwaldt)
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Fig. 3. Early symptoms of anthracnose in a lentil crop showing a premature leaf drop and tan lesions on lower stems indicating the disease will become a severe problem. (Courtesy L. Buchwaldt)

[image: image8.png]



Fig. 4. Numerous black microsclerotia of Colletotrichum truncatum at the base of a lentil stem. (Courtesy L. Buchwaldt)
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Fig. 5.  Deep, necrotic lesions with a black border creating indents along a lentil stem characteristic of anthracnose. (Courtesy L. Buchwaldt)
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Fig. 6. Lesion on a lentil leaflet with acervuli, setae and microsclerotia of Colletotrichum truncatum. (Courtesy L. Buchwaldt)
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Fig. 7.  Lentil plant severely infected by Colletotrichum truncatum showing coalesced stem lesions and leaf necrosis. (Courtesy L. Buchwaldt)
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Fig. 8. Shrunken and necrotic lentil pods infected by anthracnose indicated by the presence of brown, circular lesions on some of the pods and microsclerotia on the middle stem. (Courtesy L. Buchwaldt)

Ascochyta blight

Chickpea

Ascochyta blight of chickpea is caused by Ascochyta rabiei. The fungus can infect all above ground parts of the plant.  The disease is most devastating in areas where cool, cloudy and humid weather (15-25(C and >150 mm rainfall) occurs during the crop season and can cause 100% yield loss.  It occurs in all chickpea production regions, and is reported from Australia, Algeria, Bangladesh, Bulgaria, Canada, Cyprus, Georgia, Greece, India, Iran, Israel, Italy, Latin America, Morocco, Nepal, Pakistan, USSR, Spain, Syria, Tunisia, Turkey, and USA. The disease is most prevalent in areas between 31( and 45( north latitude and occasionally important between 26( and 30(.

Disease symptoms

Symptoms of Ascochyta blight can develop on all aerial parts of the plant, including leaves, stem, petioles, pods and seeds.  Initial infections produce small water-soaked spots and gradually turn necrotic (Fig. 1).  Lesions on leaves are round spots with dark brown margins with light gray center that contains dark or dark-brown spherical or pear-shaped pycnidia (Fig. 2).  Pycnidia often are arranged in concentric rings. On stems and petioles, lesions elongate and become oval shaped often with pycnidia formed in oval-shaped rings (Fig. 2).  Lesions enlarge and girdle stems and cause breakage at point of girdling (Fig. 3).  Lesions on pods are usually round with pycnidia formed in concentric rings, similar to those found on leaves (Fig. 4).  Seed infections cause discoloration of the seed or deep, round or irregular shaped cankers sometimes with formation of pycnidia (Fig. 5). 

In the field Ascochyta blight initially appears as small patches (infection foci) of blighted plants but can rapidly spread across an entire field and severely affects all the plants in the field, under favorable temperature and rainfall conditions (Fig. 6). Seedlings emerge from infected seeds or seed-borne inoculum show brown lesions at the stem base.  Subsequently, the lesions enlarge in size, girdle the stem causing its breakage and eventually the plant dies.  

Ascochyta rabiei can infect chickpea plants at different growth stage, depending on timing of available inoculum.  However, the disease is more prominent during flowering to early podding growth stages of chickpea crop in most of chickpea production regions. Pod infection occurs when humid conditions prevail during pod formation, Diseased pods with visible blight symptoms often produce shriveled seed, or fail to develop any seed at all.  Pod infection often results in seed infection or contamination.

Causal organism
Ascochyta rabiei (Pass.) Labr. (teleomorph: Didymella rabiei (Kovacheski) v. Arx) is a fungal pathogen belonging to Ascomycota. The fungus grows readily on a variety of artificial or natural media (Fig. 7).  It generally produces a pale mycelium in which pale brown pycnidia are immersed. Pycnidial wall consists of 1 to 2 layers of enlongated pseudoparenchymatic cells, and with ostioles 30 to 50 (m wide.  Conidia (pycnidiospores) are hyaline, straight or slightly curved, with one septum, some unicellular.  Conidia (10-16 x 3.5 (m) are slightly or not constricted at the septum, rounded at each end, and are formed on mostly simple phialides.  Conidia ooze en mass out from the ostioles under moist conditions.

The teleomorph Didymella rabiei (Syn. Mycosphaerella rabiei Kovacheski) is heterothallic and requires two compatible mating types (MAT1-1 and MAT1-2) for sexual reproduction.  The two mating types are widely distributed and are found in many chickpea production regions.  Molecular markers are available for identifying the mating types.  The teleomorphic state is often completed in nature on the chickpea crop residues that has over-wintered in the field. Pesudothecia are usually arranged in rows and initially immersed in host tissue.  When mature, they become erumpent, are dark brown to black, subglobose 120-170 (m in diameter, with an inconspicuous ostiole.  In young pseudothecia, pseudoparaphyses were conspicuous, filamentous, hyaline and septate.  They disappear at maturity.  Asci (50-80 x 10-12 (m) are bitunicate (two functional wall-layers), cylindrical to subclavate with eight spores.  Ascospores (9.5-16 x 4.5-7 (m) are formed in two irregular lines (distichous) inside asci, hyaline, ellipsoidal to biconic, two-celled (the upper cell broader than the lower cell), septum is below the middle, with conspicuous constriction (Fig. 8).

Host range and epidemiology

Ascochyta rabiei causes economical losses only on chickpea, and it readily infects other wild chickpea relatives (Cicer spp.).  However, under artificial inoculation conditions, Ascochyta rabiei is reported to infect a range of plants including lentil, pea, vetch, bean, and cowpea. It was also isolated at low frequencies from naturally grown, non-symptomatic Brassica nigra, Descurainia sophia (herb sophia), Galium aparine (catchweed bedstraw), Lamium amplexicaule (henbit), and Triticum aestivum (wheat).

The pathogen survives between crop seasons either on infected plant debris or on infected or contaminated seeds (Fig. 9).  Sexual stage occurs during cool and moist period usually between crop seasons.  Ascospores are discharged in spring during rainy storms and are carried by wind to chickpea fields.  Both ascospores and conidia can infect all above ground parts of chickpea at any growth stage.  Best conditions for infection to occur are 15-25 (C and 6 to 12 hours high levels of relative humidity.  Infections become visible in 4 to 5 days and pycnidial formation in 7 to 10 days.  Conidia are spread by rain splash to adjacent healthy plants and start new infections.  Multiple cycles of infections can occur during a growing season as long as favorable environmental conditions prevail.  

The sexual reproduction of A. rabiei occurs during cold and moist winter months (Fig. 9).  High moisture is essential for saprophytic growth and pseudothecial development, and temperature has major influence on the maturation of pseudothecia.  Most favorable temperature is between 5 and 10 (C. Pseudothecia of A. rabiei develop so far only on natural substrates (chickpea stems or debris).  It is suspected that the sexual stage of A. rabiei is important in regions of the world where the climate between chickpea crops is cool and moist.  Teleomorph of A. rabiei has not been found in every chickpea production region.  That could be due to lack of one of the two mating types or lack of appropriate environmental conditions such as cold temperature for sexual reproduction.

Pathogen variability

Considerable variation in A. rabiei has been reported in terms of virulence as well as in neutral genetic markers.  Initially six races were reported despite the fact that no clear gene-for-gene interactions were observed.  Subsequently fourteen pathotypes or virulent forms were reported.  A recent trend is that the pathogen be grouped in either a two-pathotype or a three-pathotype system (Fig. 10).  Pathotype I is virulent on only highly susceptible chickpea genotypes such as PI 359075, Spanish White and W6 22584.  Therefore, Pathotype I is likely to be found only in production regions where such highly susceptible genotypes are extensively cultivated.  More research employing standard set of isolates and differentials will help clarify the situation.  Likewise, isolates of A. rabiei exhibit high degree of molecular variation, and the genetic variation based on neutral genetic markers is not correlated with either pathotypes or geographic locations.

Diagnostic techniques

The characteristic feature for field diagnostic is formation of concentric pycnidia on necrotic lesions on leaves, stems or pods.

Disease management

Selecting and planting moderately resistant cultivars is most economical and one of the most important management practices in managing Ascochyta blight. Although chickpea plants have no immunity to Ascochyta blight, some cultivars exhibit high levels of resistance or tolerance to the disease. Plant the most resistant cultivars available of the desired market class (desi, small or large seeded kabuli types). Highly resistant cultivars are available in the desi type and small kubuli type chickpea, and moderately resistant cultivars are available in large white seeded kabuli type (Spanish White type).

Select fields that have not been planted chickpea in the previous two years to reduce in-field primary inoculum.  A minimum of two-year rotation is recommended because the inoculum on chickpea debris may survive for more than 12 months in some production areas.  In regions where sexual reproduction of the pathogen is known, it is also important to select fields that are distal to chickpea fields of the previous year to reduce the chances of windborne ascospores as primary inoculum.

Where applicable and/or permissible by regulation, plowing under chickpea debris after harvest will help accelerate decomposition of chickpea debris and hence breakdown of inoculum in most temperate regions.   However, under extreme weather conditions (<-30(C), plowing-under may actually help preserve chickpea debris, and inoculum may become available when the debris are brought up to surface during planting.

Other cultural practice may also be considered when practical include delayed sowing and deep sowing (so that infected seeds may not be able to emerge), wider row spacing and reasonably thin seeding rate (100 to 120 kg/ha instead of 180 kg/ha) to avoid high plant density conducive of excessive humidity within the plant canopy, inoculate with appropriate

 Rhizobium inoculum, and apply potassium and phosphorous fertilizers in soil with high nitrogen content. 

Chickpea seed should be clean and healthy and preferably from production fields where there was no pod infection.  Seed treatment is always recommended (Fig. 11).  Seed treatment with Calixin-M (tridemorph + maneb), systemic methyl benzimidazole fungicides such as benomyl or thiabendazole in combination with captan gave best results in field trials.  Carbendazim and thiram (1:1),, captan,  and iprodione  and propiconazole  were effective in controlling seed-borne Ascochyta infection.  Seed treatment with synthetic, systemic fungicide (azoxystrobin) may help protect young seedlings from foliar infection by Ascochyta rabiei (Fig. 12).

Fungicide sprays are effective in reducing infection and delaying development and reduce secondary spread of Ascochyta blight (Fig. 13).  Timely and repeated applications are often necessary to achieve desirable control due to the polycyclic nature of the disease and the susceptibility of the entire crop season.  Various fungicides have shown different degrees of effectiveness.  The effective fungicides include Bordeaux mixture, chlorothalonil, zineb, ferbam, maneb, captan, captafol, dithianon, propiconazole, penconazole, sulfur and thiabendazole. Newly developed systemic fungicides (azoxystrobin, pyraclostrobin, and prothioconazole) are effective and have curative effect. Alternating or mixing fungicides of different classes should be practiced to prevent development of fungicide resistance. 

Timely application of fungicides is critical for the effectiveness of fungicide.  Disease prediction models can help predict timeliness and reduce unnecessary sprays.  Maximum temperature and afternoon RH were the two most important variables for disease prediction.  A ratio of these two weather variables, referred to as the humid thermal ratio (HTR), was the best predictor or outbreaks of Ascochyta blight.  Further study on the disease epidemiology is needed to improve the accuracy of the models.  

Although a wide array of fungicides are available and fungicides become more and more effective, managing Ascochyta blight should emphasize planting resistant cultivars and applying the other cultural practices not only because of the cost of fungicides, but also because of the potential development of fungicide resistance by the pathogen.  Therefore, integrated disease management is essential for economical and effective control of Ascochyta blight.  A typical integrated disease management recommendation include: (a) adjust of sowing date, (b) use of pathogen-free seed, (c) seed treatment with fungicides, (d) practice of crop rotation, (e) deep plowing of chickpea fields to bury infested debris, (f) use of disease resistant genotypes, and (g) strategic application of fungicides.

A practical example of integrated management package of chickpea Ascochyta blight was developed in collaboration between the Syrian national program and ICARDA (Fig. 14).  The components of this package were delayed sowing to the first two weeks of January for lower disease impact, use of tolerant cultivars (such as Ghab 3 and Ghab 4) adapted to early sowing, seed dressing with fungicides (carboxin and thiram), single foliar application of chlorothalonil at seedling or early vegetative growth stages, followed by a second spray if the cool and humid weather prevails in April, and appropriate weed control.  
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Fig.1. Water soaking and necrotic lesions of Ascochyta blight on a chickpea leaf. (Courtesy S. Markell)
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Fig.2. Ascochyta blight lesions on leaves and a stem of a chickpea plant. (Courtesy W. Kaiser)
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Fig.3. Stem breakage of a chickpea plant caused by Ascochyta rabiei. (Courtesy ICARDA)
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Fig. 4. Ascochyta blight lesions on chickpea leaf (A), stem (B), flower (C) and pod (D) showing concentric pycnidia. (A, B and C, Courtesy Sam Markell;  D, Courtesy W. Kaiser)
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Fig. 5. Chickpea seeds infected by Ascochyta rabiei. (Courtesy W. Kaiser)
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Fig. 6. Disease progress of Ascochyta blight of chickpea in four weeks. (Courtesy W. Kaiser)
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Fig. 7. Cultural variation of Ascochyta rabiei growing in continuous darkness (left) and alternate dark and light (right). (Courtesy W. Kaiser)
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Fig. 8. Pseudothecia and asci with ascospores of Ascochyta rabiei. (Courtesy W. Kaiser)
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Fig. 9. Disease cycle of Ascochyta blight of chickpea caused by Ascochyta rabiei in the US Pacific Northwest.  (Courtesy W. Kaiser, with permission from Canadian Journal of Plant Pathology)
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Fig. 10. Pathotype differentiation of Ascochyta rabiei on chickpea.  1: uninoculated control; 2 and 3: pathotype I isolates; 4, 5, 6 and 7: pathotype II isolates.  A: cv. Spanish White; B: Dwelley; and C: PI359075. (Courtesy W. Chen)
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Fig. 11.  Culturing on PDA with antibiotics of infected chickpea seeds treated with fungicides (left) and untreated (right). (Courtesy W. Kaiser)
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Fig. 12. Effect of seed treatments with systemic fungicides on foliar infection by Ascochyta rabiei.  1: untreated control; 2: seeds treated with basal mix (insecticide Cruiser, molybdenum and red colorant); 3: seeds treated with regular mix (basal mix plus Maxim); 4: seeds treated with regular mix plus Mertect LSP; 5: seeds treated with regular mix plus Dynasty; 6: seeds treated with regular mix plus Protégé; 7: seeds treated with regular mix plus Vortex.  A and C: cv. Spanish White; B and D: cv Dwelley.  A and B: inoculated with pathotype I isolates two weeks after planting; C and D: inoculated with pathotype II isolates two weeks after planting.  Photos were taken two weeks after inoculation. (Courtesy W. Chen)
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Fig. 13. Effect of fungicide spray on Ascochyta blight.  Split plots with resistant cultivar Dwelley (left) and susceptible cultivar Spanish White (right).  Front plot: water control; back ground plot: sprayed with a strobilurin fungicide. (Courtesy Chen)
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Fig. 14. Difference between chickpea fields without (left) and with (right) integrated disease management (IDM). (Courtesy ICARDA)

Lentil

Ascochyta blight of lentil was first observed at Palumpur, India in 1934, and has since been found on lentil in Argentina, Australia, Brazil, Canada, Greece, India, Italy, Jordan, New Zealand, Pakistan, Russia, Syria, Turkey, and USA.

Disease symptoms 

Disease symptoms include lesions on leaves, stems, pods and seeds, premature leaf drop, branch tip wilt and stem breakage. Lesions appear firstly as pale green or white in color and turn to light tan with age. Lesions on leaves tend to be discreet and round with a brown margin (Fig. 1). On pods, lesions are round, oblong or irregular and from 1.5 to 2.5 mm in diameter (Fig. 2). Small black, pin-prick sized pycnidia become visible within lesion centers as they mature, particularly on the leaves (Fig. 1), but also on pods (Fig. 2). Under severe infection, the leaves become blighted, pod size is reduced and seeds from the affected pods may be shriveled and discolored with necrotic lesions (Fig. 3). The extent of seed discoloration comparatively increases with fungal presence in the radicle or plumule, as well as in the testa and cotyledons. Lesions on stems are brown and elongated and stem breakage can occur via girdling at the point of attack, causing rapid death of tissues above the girdle. Girdling near the collar region may cause whole plant death and in the field may be seen as yellowing patches.
Causal organism

Ascochyta blight of lentils is caused by Ascochyta lentis Bond. & Vassil.  Ascochyta lentis is characterized by brown, gregarious, superficial, ostiolate, depressed-globose pycnidia from 175 to 300 µm in size. Conidiospores are cylindrical, straight or rarely curved, rounded at the ends; hyaline from 11.5 to 19.5 µm in length and from 3.5 to 5.8 µm in diameter. Conidiospores are generally uni- and bi-septate, with a small percentage triseptate (Fig. 4).  Ascochyta lentis is heterothallic, and requires two mating types to produce its teleomorph state Didymella lentis W.J. Kaiser, B.C. Wang and J.D. Rogers. Ascochyta lentis is morphologically indistinguishable from Ascochyta fabae.  However, host specificity and compatibility in mating separate the two species.
Disease cycle and epidemiology

The primary source of inoculum for seedling infection is from mycelium and conidia within the seed embryo and on the seed coat, and wind-borne spores from diseased plant residues. Secondary and repeated infection within the growing season may arise from conidia. The sexual stage, Didymella lentis, is found as pseudothecia that over-winter on lentil debris. Pseudothecia erupt from the tissue surface under suitable (cool and moist) environmental conditions and release ascospores. The disease cycle is very similar to that proposed for Ascochyta blight of chickpea.

Ascochyta lentis is highly host-specific to lentil. The pathogen survives in or on seed and on plant residues depending on environmental conditions. The pathogen favors cool, moist conditions for spread and spores are dispersed by free water in the form of rain, wind blown mists, wetting fogs and dews. Rain induces the formation of conidial suspensions on infected leaflets or stem surfaces leading to droplet splash dispersal up to 1 m. Rain accompanied by wind at speeds of 2.5-5 m/s increases the distance that splash droplets are dispersed by several meters. Also, infected leaflets that detach can be dispersed for up to 10 m from the primary inoculum source.

Temperature significantly affects pathogen survival and disease development. Spores have remained viable in seed kept at 4-8(C for more than thirty years. In the field, A. lentis has survived on the soil surface for 1.5 years in infected pods and 1.7 years in infected seed but quickly loose viability when buried, indicating that infected previous-season trash is a high inoculum risk. Stubble or trash-generated epidemics can be initiated at seedling emergence and, depending on the weather conditions, are often much faster and generally more severe than seed-borne epidemics. Pathogen transmission from infected seed to the aerial portions of seedlings occurs most readily in cool soil (8(C) however, severe foliar infection can occur at approximately 20(C. Under artificial culture, optimum conidial production occurs on 5% lentil seed-meal agar and natural potato dextrose agar (PDA). Optimum temperatures for linear growth of mycelium on PDA and sporulation are 15-20(C and 15-25(C, respectively, and sporulation is 10 times greater in continuous light than darkness.

Diagnostic techniques

Ascochyta lentis is readily distinguished from other lentil pathogens by the formation of pycnidia within the infected tissue once diseased plant parts are incubated in a moist chamber for 24 hours at room temperature. Stemphylium blight (Stemphylium botryosum) and anthracnose (Colletotrichum truncatum), which have similar leaf and stem lesions to Ascochyta blight under field conditions, form dark colored conidia and setae in acervuli, respectively, when infected plant tissue is incubated in a moist chamber. Infected plant tissue can be cultured on a variety of agar media in which the Ascochyta blight fungus can be readily identified based on colony and spore morphological characters.

The two mating types of Ascochyta lentis can be distinguished using PCR assays based on nested MAT primers.  However, to date, no A. lentis-specific molecular diagnostic test, for discrimination to other lentil Ascochyta pathogens and Ascochyta diseases of close relative hosts, is available.
Management

Lesions on stems and leaves substantially reduce photosynthetic capacity. Defoliation and pod/seed infection leads to severe yield losses of up to 40-50%. This is dependant on host genotype and disease severity, particularly at early pod-set stage due to abortion of flowers and pods affected by peduncle lesions. Downgrading of seed quality due to pod/seed infection and subsequent discoloration is another cause of economic loss and can often be more significant than yield loss. Although plant growth stage does not appear to affect the length of incubation or any latent period required for initiation of disease, it is significantly related to disease severity on the top four nodes of the main stem, much higher at vegetative and flowering stages than at podding.

Management strategies for control of seedborne inoculum include sun drying, hot water and dry heat treatment of seeds, with varying success and the negative effect of subsequent decline in germination. Alternatively, seed treatment with fungicides such as thiabendazole and benomyl are effective for disinfection of A. lentis, increasing yield by 40% and reducing seed-borne inoculum to less than 2%. Foliar fungicides such as captafol, chlorothalonil, metiram and folpet inhibit conidial germination and mycelial growth. 
Cultural practices can be used in conjunction with fungicides to reduce the development and spread of A. lentis. These include deep plowing to reduce inoculum carry-over between cropping seasons. A minimum of two-year non-host crop rotation is required between lentil crops. Other cultural practices include desiccating crops before harvest, harvesting early to prevent seed infection, altering sowing time and planting a non-host barrier between crops.

The deployment of resistance genes, along with suitable crop rotations and other cultural practices, offers the most economical long-term and environmentally acceptable means of controlling A. lentis. Several sources of resistance have been characterized. Planting of either cultivar mixtures or multilines (mixtures of near-isogenic lines differing only in their resistant genes) would produce a heterogeneous host population within a field and could limit the potential for pathogen adaptation through direct host-induced selection, and hence an epidemic of the disease. There are several sources of moderate to high resistance to A. lentis in lentil, including the genes within the cultivars Laird, Indianhead, Northfield, and more recently the so far more robust resistant ILL7537. Wild Lens species closely related to the cultivated form may also contain useful resistance sources because of their long period of co-evolution with the pathogen. Breeding for resistance also needs to take into account pathogenic variability. There have been reports of up to six pathotypes of A. lentis based on quantitative differences in pathogenicity. Variation in aggressiveness has also been shown to exist within populations of the pathogen.
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Figure 1. Lentil plants infected in the field, showing leaf lesions. Pycnidia in the center of lesions are visible.  (A. Courtesy R. Ford; B. Courtesy J. Davidson)
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Figure 2. Pod lesions on infected plants with dark pin-prick sized pycnidia visible in lesion centers. (A. Courtesy K. Lindbeck; B. Courtesy M. Martene)
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Figure 3. Infected seed with severe lesions, shriveling and extensive discoloration. (A. Courtesy R. Ford; B. Courtesy M. Ramsey)
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Figure 4. Cylindrical, uni- and bi-septate conidiospores of Ascochyta lentis. (Courtesy R. Ford)

Botrytis Gray Mold

Chickpea
Botrytis gray mold (BGM) of chickpea was first reported by Shaw and Ajrekar in 1915 and later by Butler and Bisby (1931). BGM is an important disease of chickpea in India, Bangladesh, Nepal, Pakistan, Australia and Argentina where yield losses of up to 100 % were reported under conducive conditions. The disease has also been reported from Canada, Chile, Colombia, Hungary, Myanmar, Spain, Turkey, USA and Vietnam (Fig 1). 

Symptoms

The pathogen attacks all the aerial parts of the plant, with growing tips and flowers being the most vulnerable. The symptoms of BGM often appears first as water-soaked lesions on stems, branches, leaves, flowers, and pods which turn into gray or dark brown lesions covered with erect hairy sporophores and masses of hyaline spores (Fig 2a-d). Stem lesions are 10-30 mm long and may girdle the stem completely. Affected leaves and flowers turn into a rotting mass. On thick and hard stems the gray mold growth is gradually transformed into dirty gray mass containing dark green to black sporodochia (Fig 3). Sometimes tiny black sclerotia are formed on the dead tissues. When BGM affects pods, no seed or only shriveled seeds are formed (Fig 4a). Occasionally, grayish-white mycelia may be seen on immature seeds (Fig 4b). 

Under natural conditions, the disease first appears in isolated patches where the crop has a dense plant canopy when high humidity (≥95% RH) and low temperature (20-25˚C) prevails (Fig 5). Flower drop is common leading to poor pod formation and low grain yields.  The pathogen is also associated with seedling disorders of chickpea creating soft rot. Foliar infection is considered most important in most chickpea growing regions, however, in Australia soft rot of young seedlings resulting from seed-borne inoculum is also important and can result in total crop failure. Symptoms include poor emergence, yellowing, wilting and death of seedlings and pale yellow to light tan discoloration of the tap root. 

Causal organism

The causal organism of Botrytis gray mold is Botrytis cinerea Pers. ex. Fr. (teleomorph: Botryotinia fuckeliana (de Bary) Whetzel), a necrotrophic fungus. B. cinerea grown on potato dextrose agar has a white, cottony appearance, which turns light grey with age (Fig 6a). The fungal mycelium is septate and brown, and young hyphae are thin, hyaline and 8-16 (m wide (Fig 6b).  The conidiophores are light brown, septate, erect, with tips slightly enlarged bearing small pointed sterigmata (Fig 6c).  One-celled, hyaline, oval or globose conidia form in clusters on short sterigmata (Fig 6d).  Conidia from BGM lesions on chickpea plants measure 4-25 x 4-18 µm and from potato dextrose agar 4-16 x 4-10 µm. Sporodochia formed on the host surface measure 0.5-5.0 (m in diameter and may turn into hard sclerotial masses.  However, cultural characteristics and sporulation of B. cinerea largely depends on and vary with nutrient medium, temperature and other environmental factors.  

Teleomorphic stage of B. cinerea, Botryotinia fuckeliana (de Bary) Whetzel.  is formed following fertilization of sclerotia with uninucleate microconidia followed by their exposure to cold temperatures. Fertilized sclerotia germinate by the emergence of apothecia that release ascospores.  Two sexually compatible isolates (MAT 1-1 and MAT 1-2) or a pseudo homothallic isolate (MAT-1/2) are required for apothecia formation. The sexual state of B. cinerea has not been observed on chickpea stubble in nature. However, it has been produced under laboratory conditions in India. 

Host range

B. cinerea is a non-specialized pathogen and has wide host range of more than 100 plant species including vegetables, fruits, ornamental, field crops, several weeds and post-harvest produce.  Among vegetables and fruits, B. cinerea can infect asparagus, carrot, crucifers, cucurbits, eggplant, lettuce, lentil, pea, tomato, potato, turnip, mungbean, black gram, pigeonpea, mustard, pepper, squash, strawberry, grapevine, apple etc.  B. cinerea can infect many ornamental plants including anemone, begonia, calendula, chrysanthemum, dahlia, marigold, lily, rose, gladiolus, sunflower, and tulip.

Disease cycle and epidemiology

Infested soil and infected plant debris are the main sources of primary inoculum and survival of B. cinerea. The fungus survives on chickpea seed without any visible symptoms for at least 5 years and may be internally or externally seed-borne. Seed infection levels up to 95% have been recorded from diseased samples. Seed-borne inoculum is most important in Australia, and seeds with infection level greater than 5% are considered unsuitable for planting. In Western Australia, B. cinerea remained viable for 9-11 months in chickpea stubbles and survived at >35°C and dry conditions of summer and through the following growing season. In India, the pathogen also survives on plant debris and in the soil as mycelia and sclerotia. The sclerotia are thought to be the main means of long-term survival. Chlamydospores of B. cinerea also serve as a structure of survival and infection. Chlamydospores germinate to produce mycelium and macroconidia that serve as a secondary inoculum.  Chlamydospores are formed in response to adverse conditions like drought, oxygen and nutrient deficiency, pH alterations and attack by bacteria.  


Due to the wide host range of this pathogen, alternate hosts play an important part in survival from one chickpea crop to another.  Relative humidity, leaf wetness and temperature are the most important factors for disease infection and development. Consequently elaborate misting systems are required for screening chickpea germplasm line for resistance to BGM (Figs. 7 and 8).  The disease can spread rapidly at 95% or above relative humidity and up to a maximum temperature of 25(C coupled with dense canopy of the crop and assumed epidemic proportions within a short period, with the disease cycle completed in seven days. On chickpeas, the optimum temperature for B. cinerea sporulation and conidial germination varies between 15-20(C with 5(C and 30(C being the minimum and maximum extremes, respectively. The effects of the disease on yield depend on the onset of the disease and its severity and growth stage of the crop. In the Indian subcontinent, BGM epidemics have occurred in years with high rainfall and high number of rainy days. Disease severity increased with leaf wetness period greater than 12h/day.

Weather variables and BGM severity over 18 years have been used to develop disease prediction models in Nepal and Bangladesh.  Temperature and relative humidity were the key variables to determine BGM development.  Based on coefficient of correlation analysis, maximum temperature and afternoon relative humidity during the period corresponding to standard meteorological weeks 9 to 12 (26 February – 25 March) were identified as important components of the disease prediction model.  An early appearance of disease preceding this period helped in initial inoculum build up and rapid disease take-off if the subsequent conditions were favorable.  A function of these two variables is used as a basis for a predictive scheme to schedule fungicide sprays for managing BGM.

Management

Cultural practices such as late sowing, wider row spacing, plant type (use of erect and compact variety), intercropping with linseed or wheat, avoiding excessive vegetative growth and irrigation reduces the disease severity. In addition, crop rotation, burning infected debris and deep plowing reduce inoculum levels. Using pathogen-free seed can reduce seed transmission of the disease. 

Seed treatment with fungicides such as carbendazim+thiram (1:1), vinclozolin or carbendazim alone, triadmefon, Dithane M 45, triadimenol, thiabendazole, iprodione and thiram can reduce seedborne inoculum. This practice in Australia has effectively eliminated Botrytis seedling rot in chickpeas. Foliar sprays with vinclozolin, carbendazim+thiram or carbendazim at regular intervals from the appearance of the first symptom particularly in combination with seed dressing fungicide can provide considerable control of the disease. In addition effective fungicides used as foliar spray include captan, carbendazim, chlorothalonil, mancozeb, thiabendazole, mancozeb, thiophanate methyl, thiram, triadmefon, triadimenol, or vinclozoline at 50 days after sowing or at first sign of symptoms. 

Biological control agents such as Trichoderma viride, T. harzianum and Gliocladium roseum were found to be highly antagonistic to B. cinerea. Seed treatment with these biocontrol agents increased percentage seed germination, root and shoot length, and plant vigor and significantly reduced BGM incidence. Trichoderma sp. isolated from chickpea rhizosphere was effective against B. cinerea when used as a prophylactic spray at a concentration of 107 conidia/ml.

Sowing disease-resistant cultivars is the most economical and most effective method to combat BGM. Extensive screening of chickpea germplasm and breeding lines has found no genotypes with high level of resistance, however many chickpea lines with moderate resistance level have been identified. High level of resistance is available in wild Cicer species namely C. judaicum, C. bijugum, C. echinospermum, and C. pinnatifidum. A list of chickpea lines derived from wide hybridization and their resistant parents is available.

An adequate level of genetic resistance to BGM is not available in the cultivated genotypes and the use of fungicides has not been widely adopted by resource poor farmers in Asia, hence integrated disease management (IDM) of BGM is encouraged using agronomic practices, erect cultivars, biological control agents, and targeted fungicidal sprays. An IDM technology has been devised for Nepal consisting of grey mold tolerant genotype (ICC 14344), soil application of di-ammonium hydrogen orthophophate, wider row spacing (60 cm), seed treatment with carbendazim+thiram, and foliar application of carbendazim strategically timed based on weather data. Similarly IDM of a BGM in Bangladesh consisted of a BGM tolerant cultivar such as Barichola 5 or ICCL 87322, lower seeding rate (37.5kg/ha), fungicide seed treatment, delayed sowing, and need based foliar application of fungicides. 
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Figure 2. Geographical distribution map of Botrytis cinerea, showing countries where it occurs on chickpea.




Fig. 1. Geographical distribution map of Botrytis cinerea showing countries where it occurs on chickpea. (Courtesy S. Pande)
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Fig. 2. Symptoms of Botrytis gray mold on chickpea.  A: Infected branches, leaves and flowers; B: Fungal sporulation on infected stem, branches and flowers; C:Dark brown lesions on pods.  Inset:Fungal sporulation on pods. (Courtesy S. Pande)
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Fig. 3. Stem showing grayish fungal sporulation caused by Botrytis gray mold. (Courtesy S. Pande)
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Fig. 4.  Infection of chickpea seeds by Botrytis cinerea.  A. Infected and shrunken seeds with B. cinerea; B. Mycelial growth of B. cinerea on immature seeds. (Courtesy S. Pande)
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Fig. 5. Patches of B. cinerea infected plants in the field. (Courtesy S. Pande)
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Fig. 6. Cultural characteristics of Botrytis cinerea. A: Growth of B. cinerea on potato dextrose agar; B: Mycelium of B. cinerea showing clusters of conidia; C: Conidiophore of B. cinerea bearing sterigmata and conidia; D: Conidia of B. cinerea.  (Courtesy S. Pande)
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Fig. 7. Growth room set up for screening resistance to botrytis gray mold at ICRISAT.  (Courtesy ICRISAT)
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Fig. 8. Misting system in field plots screening for resistance to botrytis gray mold. (Courtesy S. Pande)

Lentil
 
Botrytis grey mold of lentil, also known as Botrytis stem and blossom blight, is a foliar disease caused by Botrytis cinerea Pers. Ex Pers. and occasionally Botrytis fabae (Sard.). The fungus can infect any above-ground parts of the plant, including leaves, stems, flowers, pods and seeds. The disease has worldwide distribution with severe epidemics reported in Australia, Bangladesh, Canada, Colombia, Nepal, New Zealand and Pakistan; while in India, Syria, Morocco and USA it is considered of minor importance. In conditions that are conducive to disease, particularly in high humidity, losses can be high, exceeding 50% of the yield. 


Symptoms

Infection may first develop on flowers and pods, or on the lower foliage of established plants as dark green lesions that become pale tan colored spots (Fig. 1). Senescent or injured plant parts are also more prone to infection. Infected leaves wilt and are shed. If the canopy remains humid, light brown or blanched stem lesions develop followed by the stems becoming covered with grey mold (Fig. 2). Masses of conidia are formed within the canopy (Fig. 3) and are released when the canopy is disturbed. On-going humid conditions allow the fungus to girdle the stems leading to patches of dead plants (Fig. 4). Infected flowers and pods have reduced pod set, and brown, rotten pods that are covered with mold (Fig. 5). Infected seeds may be discolored and shrivelled, but do not always show clear symptoms. If infected seed is sown, plant establishment is poor due to low germination and seedling blight. Seedling blight is distinguished by the prolific grey fructifications of the fungus on the plant at or just below the soil line.  The infected seedlings are yellow, stunted and usually die after one or two weeks. 

Causal organisms
The cultural characteristics and sporulation of B. cinerea vary with environmental and nutrient conditions.  Colonies of B. cinerea are white and cottony and turn grey or greyish-brown with age. The hyphae are 8 – 16 (m wide, septate and brown, while young hyphae are thin and hyaline.  Conidiophores are brown, erect and septate, 16-30 (m thick, frequently 2 mm long and branched near the head.  Conidia are produced in clusters at the ends of branches and are hyaline, single-celled, ovoid or spherical, and thin walled. Conidia from lentil are mostly 10-12 x 8-10 (m, but these sizes may vary depending on host and environmental conditions.  Sclerotia are black and generally small (2-4 x 1-3 (m) but their size and shape is highly variable (Fig. 6).  

Microconidia are produced by B. cinerea, usually on old colonies or as a response to prolonged conditions unfavorable to fungal growth.  Microconidia develop from germ tubes of macroconidia, on primary hyphae, inside empty hyphal cells and from appressoria and sclerotia.  They are globose and hyaline cells of 2-4 ( in diameter.  Microconidia remain viable and dormant under different adverse environmental conditions, and serve as survival units of the fungus, and are thought to be involved in spermatization.

The teleomorph of B. cinerea, Botryotinia fuckeliana (de Bary) Whetzel = Sclerotinia fuckeliana (de Bary) Fuckel. has not been reported on lentils.

The colony characteristics of B. fabae are similar to B. cinerea.  However, B. fabae can be distinguished from B. cinerea on the basis of spore size.  The conidia of B. fabae are much larger than B. cinerea and are 14-29 x 11-20 (m in size, mostly 16-25 x 13-16 (m.  Conidial formation is stimulated in 1-3 day-old, but not 4-5 day-old mycelium by alternating irradiation with 12 hr near UV light followed by 12 hr darkness.  Sporulation occurs over a wide range of pH and sclerotia form abundantly in culture, sized 1-1.7mm diameter. A teleomorph of B. fabae, Botryotinia fabae, has been obtained experimentally.


Host range and epidemiology

Botrytis spp. are necrotrophic pathogens and B. cinerea is ubiquitous with the ability to infect over 200 hosts, including many ornamentals, weeds, vegetables, fruit and field crops. The latter includes crops such as alfalfa, beans, chickpea, field pea, safflower and sunflower. Hence the fungus is always present to some extent in the lentil cropping system. B. fabae has a more restricted host range than B. cinerea, occurring most commonly on Vicia spp., especially faba beans (V. faba), common vetch (V. sativa) and lentils. Sclerotia are probably the main survival structure for these fungi since they are highly resistant to adverse conditions. They may survive for long periods if they are not buried, but decay more quickly in wet soil than dry soil. Mycelium, in plant debris, can survive for extended periods and will produce conidia under humid conditions. 

Botrytis grey mold can infect lentils at any time in the growing season but epidemics generally develop after the plant canopy has closed over.  While the development of an epidemic in lentils, as in other crops, is strongly influenced by the environment, the microclimate within the canopy is often more important than the environment above the crop.  Excessive vegetative growth due to irrigation or heavy rains, close plant spacing and varieties with spreading habit lead to humid conditions within the crop which favor the disease. Temperatures between 15-25ºC and RH above 95% after canopy closure and at flowering or podding favor disease outbreaks. Botrytis spp. will produce masses of wind-borne conidia on infected and dead tissues under humid conditions, and epidemics can develop very quickly in comparison with most other diseases.


 Management

Avoiding dense canopies is an important component of integrated disease management strategies that are used to reduce the likelihood of Botrytis grey mold in lentils. Early sown crops have thicker canopies and hence more disease than late sown crops.  Delayed sowing and reduced seeding rates as well as wide row spacings result in more open canopies during crop maturation, and reduce the likelihood of epidemics. Weed control and optimum fertilizer use, particularly avoiding high nitrogen levels, are also important strategies to prevent dense canopies. 

It is important to plant seed with zero or less than 5% seed infection and, where on-farm seed is retained, only use seed from disease free crops. Seed treatments with fungicides such as benomyl, carboxin, chlorothalonil, thiabendazole or thiram will control seed-borne inoculum and seedling blight. Sowing infected seed reduces seedling emergence and stand establishment and seedling blight spreads from plant-to-plant along rows. 

Destruction of infected debris through grazing, burning or burying residues, will reduce the carry-over of inoculum into the following season. In addition a break of more than 3 years between lentil crops in a single field allows time for the infected residue to break down. Lentils should not be grown adjacent to, or sown into, infected residues of any crop species that might harbor Botrytris inoculum. Growing lentils adjacent to an early sown crop of an alternate host such as faba beans, chickpea, vetch or lathyrus may also increase epidemic frequency and severity through cross infection.

Foliar fungicides are an important part of disease control but can be uneconomic in low yielding crops. Benomyl, boscalid, carbendazim, chlorothalonil, mancozeb, thiabendazole, tridemorph and vinclozolin have been found to be effective. Usually the first spray is applied shortly prior to canopy closure to achieve maximum coverage of the foliage. Several applications are generally required if conditions remain favorable for disease development, Further sprays may be required during flowering and pod fill depending on the presence of the pathogen and weather conditions. However, frequent use of fungicides can lead to the development of pathogen strains that are resistant to the most commonly used fungicides.

Research on biocontrol of Botrytis grey mold has found that Pantoea agglomerans, Pseudomonas fluorescens, Penicillium griseofulvum and Trichoderma hamatum can reduce the incidence and severity of Botrytis stem and blossom blight of lentil, and increase seed yield when applied as a foliar spray in greenhouse and field environments. Essential oils such as clove oil, cinnamon oil and geraniol have also been found to be effective.

Resistance to Botrytis grey mold is poorly understood but is probably under polygenic control. Lentil germplasm with resistance to grey mold has been identified in several breeding programs around the world including Australia, Canada, Nepal and Pakistan and new commercial cultivars are being released with better resistance to Botrytis grey mold. Combined with agronomic practices that minimize disease, these cultivars should prevent the severe epidemics and extensive yield losses seen in susceptible cultivars.
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Fig. 1. Pale spots showing early symptoms of Botrytis gray mold infection on lentil leaves. (Courtesy J. Davidson)
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Fig. 2. Botrytis fungi sporulation and blanched stem lesion on infected lentil plant. (Courtesy J. Davidson)
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Fig. 3. Botrytis fungi sporulation under lentil crop canopy. (Courtesy J. Davidson)

[image: image54.jpg]



Fig. 4. Patches of dead lentil plants caused by Botrytis gray mold. (Courtesy M. Ramsey)
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Fig. 5. Sporulation of Botrytis fungi on pods and leaves of infected lentil plant. (Courtesy J. Davidson)
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Fig. 6. Sclerotia of Botrytis spp. on lentil stems. (Courtesy M. Ramsey)

Powdery Mildew

Lentil
Powdery mildew of lentil is an important disease in South Asia, particularly in India, and is a problem on breeding materials in greenhouses in many countries. The disease is caused by powdery mildew fungi in two genera, Erysiphe and Leveillula. Powdery mildew of lentil is widespread, and has been reported from South Asia, the Middle East, the Mediterranean, East Africa, Eastern Europe, the former USSR, South America, and, sporadically, from North America.
Symptoms 

Infections by Eryisphe species result in small white spots on leaf surfaces (Fig. 1).  Lesions expand to cover the entire leaf surfaces (Fig. 2) and pods.  Infection can be especially extensive at flowering, and under heavy infection leaves become chlorotic, then curled and necrotic prior to abscission. Yields can decline, and plants sometimes die. Infection by Leveillula taurica results in spots of varying size on leaves and stems, with areas of infection displaying dense, felt-like mycelium. 
Causal organisms

The Erysiphe species name most commonly reported on lentil is Erysiphe pisi DC. Leveillula taurica (Lév.) Arnaud also occurs on lentil.   Erysiphe pisi on lentil has been reported (often as E. communis auct. p.p. or E. polygoni auct. p.p.) from various parts of the world including Argentina, Chile, India, Italy, Jordan, Mexico, Romania, Sudan, Tanzania, and the former USSR. A powdery mildew, provisionally identified as Erysiphe diffusa Cooke & Peck) U. Braun & S. Takam. on the basis of branching pattern of chasmothecial appendages, has been reported on lentil in Canada  A powdery mildew conforming to morphological and molecular criteria for E. trifolii, but also possessing some appendages similar to that described in the Canadian report, has been recently confirmed on lentil in USA. Leveillula taurica on lentil has been reported infrequently (sometimes as L. leguminosarum f. lentis Golovin) from the former USSR and from Jordon.  Other reports of powdery mildew of lentil, not always with a clearly identified causal agent, include Bangladesh, Cyprus, Ethiopia, Spain, and Syria. Phylogenetic relationships and criteria for assignment to species are still actively researched for powdery mildews infecting legumes, particularly for closely related and morphologically similar species such as E. diffusa, E. baeumleri (Magnus) U. Braun & S. Takam. and E. trifolii Grev.
Erysiphe pisi is recognized by ellipsoid-cylindrical conidia, ca. 24-55 x 13.5-22 µm, produced singly on conidiophores with foot cells of usually 20-50 x 6-10 μm. Mature chasmothecia are 85-150 μm in diameter with appendages ranging 0.5 – 3 times as long as the chasmothecial diameter, simple or very rarely irregularly branched, and often interlaced with each other or with the mycelium. Each chasmothecium contains 4-8 ellipsoid asci that are sessile or with short stalks, and measuring 40-85 x 25-55 µm.  Each ascus contains 3-6 ellipsoid-ovoid ascospores, ca. 18-25 x 10-16.5 µm. E. trifolii produces conidia ca. 25-43 x 13-22 µm (Fig. 3) on conidiophores with foot cells mostly 25-33 x 6.5 – 9 µm. Chasmothecia are scattered or gregarious, with diameters of 90 -150 µm (Fig. 4), and have 4-10 asci (Fig. 5).  Chasmothecial appendages of E. trifolii are usually 2 - 6.5 times as long as the corresponding chasmothecial diameter (Fig. 6). Dimensions and numbers of asci, and dimensions of ascospores, overlap among E. pisi, E. diffusa and E. trifolii. Generally, chasmothecial appendages of E. trifolii are flexuous and a varying percentage of appendages appear dichotomously branched. Appendages from the E. trifolii on lentils in the US Pacific Nouthwest were often 3-6 times dichotomously branched (Fig. 7). 

Leveillula taurica is distinctive by virtue of its endophytic mycelium, with conidiophores arising in groups from stomata. It also produces distinctive dimorphic conidia.  Leveillula taurica is described in the section on powdery mildew of chickpea.

Disease cycles and epidemiology

Life cycles are inadequately investigated and very little is known about the biology of powdery mildew species on lentil.  Documented observations usually apply to crops other than lentil. Teleomorphic stages might not be very common in area with mild winters such as the coastal Pacific Northwest, where teleomorphs of E. pisi and L. taurica are infrequently encountered, and in such regions the asexual stages may be important in overwintering. In areas with lower winter temperatures, chasmothecia of E. pisi form abundantly, but survival rates apparently can be low. However, if chasmothecia survive winter, ascospores probably serve as the primary source of inoculum. Conidia act as secondary inoculum and are effective in dispersal. Erysiphe pisi may be seed borne in which case seeds themselves may provide over-wintering inoculum.  Seeds also may have potential for long distance dispersal of the pathogen. Spores are carried by wind and can germinate in the absence of free water. Moderate temperatures and shady conditions are generally favorable for powdery mildew growth.  

The host range of E. pisi putatively includes a broad range of nearly twenty genera of Fabaceae including species of Lathyrus, Lens, Lupinus, Medicago, Melilotus, Phaseolus, Pisum, Trifolium, Vicia and other crops.  Erysiphe diffusa has a similarly wide distribution of hosts within the Fabaceae including Desmodium, Glycine and Phaseolus spp. E. trifolii is reported from at least 25 genera, including Lathyrus, Melilotus, and Trifolium, and in our experience can be also found on Lens as noted above.  However, inoculation studies have not always supported these broad host range concepts, as when isolates from of E. pisi from pea were inoculated to chickpea, lentil, field bean and faba bean without production of disease.  On the other hand, the host range of Leveillula taurica includes more than fifty plant families, and there is experimental and molecular evidence to support this broad host range concept. 

Management
The use of cultivars resistant to powdery mildew is currently the most practical method, and screening for resistance occurs in a number of countries. In general, small-seeded varieties exhibit more resistance. Foliar sprays with benomyl, tridemorph (I L/ha) or 3% aqueous sulfur (500 L/ha) may prevent disease development. Certain insecticides (quinalphos, triazophos, phoxim) have also been found effective in suppressing powdery mildew. Dinocap, quinolphos and triazophos (also normally used against arthropods) reduced disease when applied at 0.5 kg a.i. per hectare after initiation of symptoms and twice repeated at 15-day intervals. In greenhouse cultivation of breeding materials, sulfur fumigation is very effective.
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Fig. 1. Early sign of powdery mildew (Erysiphe trifolii) infection on a lentil leaf. (Courtesy W. Chen)
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Fig. 2. Lesions of lentil powdery mildew expand, coalesce (A), and cover the entire leaf. (Courtesy W. Chen)
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Fig. 3. Conidia of Erysiphe trifolii on lentil. (Courtesy R. Attanayake)
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Fig. 4. Formation of chasmothecia of Erysiphe trifolii on a lentil leaf. (Courtesy R. Attanayake; Inset courtesy D. Glawe)
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Fig. 5. A ruptured chasmothecium showing asci and ascospores of Erysiphe diffusa infecting lentil. Bar = 50 µm.  (Courtesy R. Attanayake)
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Fig. 6. A chasmothecium of Erysiphe trifolii on lentil having long appendages up to 6.5 times the diameter of the chasmothecium. Bar = 100 µm. (Courtesy R. Attanayake)
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Fig. 7. Three to six times dichotomously branched chasmothecial appendages of Erysiphe diffusa. Bar = 100 µm. (Courtesy R. Attanayake)
Chickpea

Powdery mildew of chickpea is a minor disease, but with the potential for major impact on some susceptible cultivars.  Species of Leveillula and, to a lesser extent, Erysiphe, are pertinent.  Powdery mildew of chickpea is widely distributed in the Middle East through South Asia, East Africa and is also reported from Mexico and the United States.

Symptoms 

The most conspicuous sign of infection by L. taurica is diffuse, powdery sporulation on leaves and pods (Fig. 1).  Affected areas are usually small, but may coalesce into larger areas under severe disease conditions. Leaves turn purple before becoming necrotic. Stems, young leaves, and pods may also have powdery mildew in severe infections.  Other symptoms include early senescence and smaller seeds.  

Causal organisms 

Leveillula taurica (Lév.) Arnaud [anamorph: Oidiopsis sicula Scalia] is the powdery mildew fungus most commonly reported on chickpea. This species is reported on chickpea in Australia, Ethiopia, India, Iran, Morocco, Pakistan, Sudan, Turkey, the former U.S.S.R. and Zambia.  In North America it has been reported on chickpea from California and more recently in Washington State. The name Oidiopsis taurica f. sp. leguminosarum has been applied in India.  Additionally, Erysiphe communis auct. (a synonym of E. pisi DC.) is recorded from chickpea in Jordon, Lebanon and Mexico; and an unidentified Oidium sp. is reported from India. 

Conidiophores of L. taurica are simple, infrequently branched, and emerge through stomata to form conidia (Fig. 2).  Conidia are generally single, sometimes observed adhering in short chains, and are of two kinds: primary lanceolate conidia: 50-66.5 x 14.5-20 µm; and secondary cylindrical conidia: 46.5-61.5 x 15-18.5 µm (Fig. 3).  The teleomorph (sexual state) is not often mentioned in reports from chickpea but when it occurs chasmothecia (sexual fruiting bodies, cleistothecia) are seen to contain two-spored asci.

Descriptions of Erysiphe pisi are found under section of lentil powdery mildew. The monomorphic conidia, epiphytic mycelia, and greater number of ascospores per ascus simplify distinguishing E. pisi and other Erysiphe spp. on legumes from L. taurica.

Disease cycle and epidemiology

Powdery mildew caused by L. taurica is favored by cool and dry weather.  The relative roles of the sexual and asexual states are not well documented, but in general it appears that the teleomorph is seldom observed on this host. It is generally believed that primary inoculum is formed on other host plants.  Leveillula taurica is regarded as having a wide host range but the actual degree to which strains from other hosts can infect Cicer arietinum has not been thoroughly assessed.  In India, L. taurica from Capsicum annuum and Solanum nigrum did not infect chickpea under greenhouse conditions, suggesting that host specialization for some strains of L. taurica is a possibility.  Seemingly contrary results were obtained in Morocco, where strains from chickpea and other plants were inoculated to tomato and induced disease.  Powdery mildew from L. taurica seems not to be seedborne.

Erysiphe pisi, better known as a pathogen of pea than chickpea, has been investigated primarily on Pisum.  On that host, in areas with cold winters, chasmothecia are readily formed and can overwinter, but apparently with low survival.  It may be that both ascospores and conidia function as primary inoculum for E. pisi, with conidia playing the major role in subsequent disease spread.

Management

Nearly all reports are based on L. taurica.  Control recommendations are seldom described, but generally include field and crop sanitation, timely sowing, tolerant and resistant varieties, and crop rotation (where disease is endemic). Chemical control includes sulphur at 25 kg/ha, or sprays of Dithane M-45 (mancozeb) at 2.5 g/l.  Experimentally, tridemorph (as Calixin), bitertanol and carbendazim have successfully controlled the pathogen.  Tridemorph and bitertanol enhanced yield, followed by sulfur, mancozeb (as Dithane M-45) and benomyl (as Benlate) compared to controls.
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Fig. 1. Symptoms of powdery mildew caused by Leveillula taurica on chickpea. (Courtesy W. Chen, reproduced by permission of Plant Health Progress)
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Fig. 2. Conidiophore (CP) of Leveillula taurica emerging through a stoma (S).  Bright field. Bar = 50 µm. (Courtesy R. Attanayake, reproduced by permission of Plant Health Progress)
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Fig. 3. Typical primary (lanceolate) and secondary (cylindrical) conidia at the apex of conidiophores of Leveillula taurica. (Courtesy Dean Glawe and Frank Dugan, reproduced by permission of Plant Health Progress)
RUST

Lentil

Rust is the most important foliar disease of lentil causing high yield losses. It is caused by the autoecious fungus Uromyces viciae-fabae (Pers.) Schroet. (Pucciniaceae, Uredinales). Lentil rust is a widespread foliar disease. It is an economically important disease in Bangladesh, Ethiopia, India, Morocco, Nepal, Pakistan and Turkey.  It is also reported from Algeria, Argentina, Bulgaria, Chile, Colombia, Cyprus, Hungary, Iran, Israel, Italy, Jordan, Palestine, Peru, Portugal, Sicily, Syria, and Turkey.  The disease can result in complete crop failure although yield losses on a plot basis vary from 30 to 60% depending on cultivar and disease severity.

Symptoms

All above-ground parts of lentil are susceptible to rust infection.  It usually starts at low-lying areas of the field and spread to other areas. It can be seen initially as yellowish-white pycnidia and aecial cups on leaflets and on pods, singly or in small groups in a circular form (Fig. 1).  Brown-colored uredial pustules develop later on either surface of leaflets, branches, stems and pods. They are oval to circular in shape and up to 1 mm in diameter. The telia are formed late in the season mainly on branches and stems. Telia are dark brown to black and elongated. Severe infections can cause leaf drop and premature plant death.


Infected plants have a dark brown to blackish appearance, visible in affected patches of the field or in the whole field (Fig. 2).  In severe infections the plants dries forming only small shriveled seeds. Losses from the disease, estimated at up to 70%, have been reported. Early infection accompanied by conducive environmental conditions can result in complete crop failure.

Causal organism

U. viciae-fabae is autoecious, completing its life cycle on lentil plants. Spermagonia are subepidermal and globoid. Aecia and uredia are subepidermal in origin, erumpent late. Aeciospores are elliptical, yellowish-brown. Uredospores are borne in single pedicels, mostly echinulated, with three to four germination pores and measure 22-28 x 19-22 (m. Telia are subepidermal in origin, then erumpent on leaves, but remain covered by the epidermis on stems for an extended period. Teliospores are borne singly on pediceles. They are globose to subglobose, one-celled, measuring 25-40 x 18-26 (m, with a single germination pore.  Teliospores are resistant to adverse conditions and are the primary surviving structure between crop seasons.

Disease cycle and epidemiology

In production areas where prolonged hot and dry summer prevails, infected lentil debris and teliospores left in the field or carried in seeds serve as primary inoculum.  Teliospores readily germinate at 17 to 22 °C without dormancy, but they may remain viable for up to two years at resting state.  In cooler production regions, uredospores may also be important means of survival between crop seasons. Primary inoculum may also come from weed hosts, such as Lathyrus and Vicia spp.  Secondary spread is by means of aeciospores and urediospores.  Both aeciospores and urediospores readily germinate on plant surface under humid conditions and are dispersed by wind.  Cloudy weather with high humidity and 17 to 22 (C favors development of the disease.

U. viciae-fabae is regarded as the causal agent of rust in faba bean, vetch and lentils, however, some degree of host specialization is recognized, suggesting that U. viciae-fabae may be a species complex with different host ranges. Based on differences in host specialization, spore dimensions, and shape and dimensions of the substomal vesicle a classification into “host-specialized isolates” (viciae-fabae, viciae-sativae and lentis-culinaris) has been recently suggested.

Management

It is advisable to use clean seeds without concomitant contamination, or to treat them with a suitable fungicide such as diclobutrazol (Vigil). Preventive fungicide sprays of Dithane M-45 (mancozeb)(3 L/ha) or triademfon (Bayleton) with propineb (Antracol) at disease initiation have been recommended. Rust can be effectively controlled by a number of fungicides, although this needs to be adjusted in order to be economic.  

The use of host plant resistance is the best means of rust control. Several resistant cultivars have been released in different countries (Fig. 3), with resistance originating from ICARDA accessions ILL358, ILL2704, ILL4605, ILL5540, ILL5680, ILL5748, ILL5764, ILL6027, as well as for other sources, such as the Indian cvs. Bombay 18, Pant L 236 or Pusa 10, among others. There is no clear evidence on the existence of races. The international testing of lentil genotypes differing in resistance to rust has shown that the reaction to lentil rust of individual lines is the same. Although the resistance on lentils seems to be holding, it is likely to break down.

Little is known on the inheritance of their resistance, although monogenic resistance has been reported. Both hypersensitive and incomplete non-hypersensitive (partial) resistance have been reported. A high proportion of infection units on both hypersensitive and partially resistant lines failed to form any haustoria, and hence aborted early. Differences were also found among lines in the rate of haustoria formation, but not in the number of hyphal tips per colony. 
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Fig. 1. Development of uredia of Uromyces viciae-fabae on lentil leaves. (Courtesy D. Rubiales)
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Fig. 2. Lentil plant showing severe infection of rust along with symptoms of Stemphylium blight. (Courtesy W. Chen)
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Fig. 3. Lentil cultivars susceptible (left) and resistant (right) to rust. (Courtesy W. Chen)

Chickpea

Chickpea rust, caused by Uromyces ciceris-arietini (Grogon) Jacz. & Boyer, is widespread in the Mediterranean, southeast Europe, south Asia, east Africa and Mexico, but is usually considered to be only of local importance. Normally, chickpea rust epidemics begin late in the season so yield components are usually little affected by the disease. However, early infections can cause significant losses. Severe outbreaks have been reported in India, Central Mexico and Italy. Chickpea rust is more important in spring than in winter sowing crops. This could be explained because of rust infects late in the season, when the temperature reaches 20ºC, the optimum for infection. 

Pustules appear first as small, round, brown spots (Fig. 1) that may coalesce and turn dark later (Fig. 2). Defoliation results from severe infections. Transmission of the disease is mainly by airborne urediospores. The rust may perpetuate in the uredial state during summer on Trigonella polycerata in the hills where climatic conditions are favorable.  Urediospores are more or less spherical, 20-28 µm in diameter, globose, pale yellowish brown in color, echinulate with 4 to 8 scattered germpores and walls 3-4 µm in thickness. Telia develop later in the season bearing teliospores.  The teliospores are more or less spherical to broadly ovoid varying from 18-24 x 18-30 µm, verrucose and dark brown. Neither pycnia nor aecia have been found on chickpea.  The substomatal vesicle is globoid, normally with one protrusion but occasionally two. Two primary infection hypahe or, rarely, one of semivertical orientation, are formed from substomatal vesicle.

Management

No sources of resistance to rust have been identified in chickpea and so far only measures relating to sowing dates and chemical control have been proposed. Only a certain degree of slow rusting has been reported recently in chickpea, and tends to be more frequent in wild Cicer relatives. The resistance to chickpea rust is mainly of incomplete non-hypersensitive nature, characterized by reduction in spore germination, appressorium formation, number of haustoria per colony and colony size, with little host cell necrosis.  Macroscopically it was observed as a prolonged latency period, a reduced number of pustules and a decrease of pustule size, which implied a reduction of disease severity in the field. Resistance was stronger on wild Cicer species than on cultivated chickpeas. Furthermore, total absence of symptoms, but no clear hypersensitivity, was observed in some wild chickpea lines. 

Propiconazol, pyraclostrobin and chlorothalonil used for Ascochyta blight control also controls rust.
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Fig. 1.  Development of uredia of Uromyces ciceris-arietini on upper (right) and lower (left) surfaces of chickpea leaves. (Courtesy D. Rubiales)
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Fig. 2.  Chickpea plant showing severe infection by Uromyces ciceris-arietini. (Courtesy D. Rubiales)

Sclerotinia stem and crown rot

Chickpea

Sclerotinia stem and crown rot of chickpea is caused by Sclerotinia spp.  Three species of Sclerotinia are reported to cause the disease in different parts of the world.  The most commonly reported species is Sclerotinia sclerotiorum.  

The disease has been reported from Australia, Bangladesh, Egypt, India, Italy, Nepal, USA, and other parts of the world.  In the United States, S. sclerotiorum is found in all chickpea production regions (California, North Dakota, and Pacific Northwest), S. minor is reported from Arizona and S. trifoliorum from California.  All three species are reported to infect chickpea in Australia.

Symptoms

Two types of infections occur in chickpea crown and stem resulting in different symptoms.  Stem infection, usually several centimeters above the ground and initiated by ascospores through carpogenic germination of sclerotia, produces stem rot, whereas crown infection from hyphae results in crown rot.  Stem rot frequently occurs at or after flowering usually after canopy closes.  Initial symptoms include small brown lesions on stem, and the lesion elongate, stem whitening, wilting and stem breakage (Fig. 1).  White fluffy mycelium may be present.  Black irregularly shaped sclerotia may form on the stem.  Crown rot results from infection near soil line usually by mycelium from either direct germination of sclerotia or from adjacent infected plants.  The obvious symptom is wilting of infected plants.  Examination of crown shows white fluffy mycelial growth on stems near soil line and/or on soil surface around infected plants (Fig. 2).  Irregular shaped sclerotia form on stems near soil line (Fig. 3).

Causal organisms

Sclerotinia stem and crown rot of chickpea is caused by three Sclerotinia species:  Sclerotinia sclerotiorum (Lib.) de Bary, S. minor Jagger and S, trifoliorum Erikss.  The genus Sclerotinia is characterized by having no known functional conidial state, producing sclerotia containing no suscept (foreign) tissues in nature or above agar surface in culture, and sclerotial rind (the melanized outer layer) composed of 2-6 deep layer of dark walled globose cells, the outmost layer of apothecium (the ectal excipulum) is formed with globose cells in chains oriented perpendicularly to the apothecial surface.  Differentiation of species within Sclerotinia is based on cultural (size and distribution of sclerotia on agar plates), macroscopic (color, size and shape of apothecium, stipe and sclerotium) and microscopic (size, shape and color of ascospores, asci and paraphyses) characters and sometimes on biological characters such as hosts and part of invaded substrate. 

S. sclerotiorum produces black subglobose to irregular sclerotia varying from 2 to 10 mm in diameter and up to 25 mm long.  The outer layer (rind) of the sclerotium is smooth, without hyphal growth.  Sclerotia may germinate abruptly by producing mycelium.  However, more often sclerotia germinate by producing apothecia, and a single sclerotium may produce one or more apothecia.  Apothecia are dish- or cup-shaped, 5-9 mm in diameter, tender and fleshy in texture, orange, light tan or white in color.  Hyaline, inoperculate asci with hyaline paraphyses form the hymenium, which lines the interior surface of the apothecia, and each ascus contains eight more or less uniform sized ascospores.  Ascospores are slender and ellipsoid, and ascospore sizes vary greatly, but generally have a length to width ratio >2 (2.1 to 2.4).  Ascopsores are released during air movement, and are carried away by air and may land on susceptible plant tissue and initiate infection under suitable conditions.

S. trifoliorum is very similar to S. sclerotiorum in gross morphology.  However, microscopically several features differentiate the two species.  The sclerotial rind of S. trifoliorum has mycelial outgrowth called tometa, ascospores are binucleate, and of two different sizes (dimorphism) within individual asci, usually with four large and four small spores.  Ascospores have a length to width ratio of < or = 2.  Isolates originating from large sized ascospores are homothallic, but isolates originating from small-sized ascospores are heterothallic, requiring mating with spermatia from large-sized ascospore isolates for sexual reproduction.

S. minor is also very similar to S. sclerotiorum.  The major difference is in number and size of sclerotia.  Sclerotia of S. minor are much smaller (0.5 to 3 mm in diameter), more numerous , and are scattered throughout the surface of the colony.

The life cycles of the three species are very similar.  Mycelia develops on infected plant tissue, and form black, irregularly shaped sclerotia of different sizes.  The sclerotia survive in soil until next susceptible crop.  Sclerotia may germinate directly through mycelium or carpogenically through apothecia and ascospores. 

The main difference of S. minor from S. sclerotiorum and S. trifoliorum is in that S. minor produces small sclerotia in the field and also in culture.  In culture on PDA, the sclerotia of S. minor are scattered throughout the plate without discernable patterns, whereas both S. sclerotiorum and S. minor produce large, irregularly shaped and sized sclerotia usually in a ring pattern in culture.  The main morphological difference between S. sclerotiorum and S. trifoliorum is that S. sclerotiorum produces uniform sized ascospores, whereas S. trifoliorum produces dimorphic ascospores, usually four large spores and four small spores in an ascus.  Other differences among the three species are in different growth rates.  S. trifoliorum grows more slowly than the other two species, and contains group I introns in the nuclear small subunit rDNA whereas so far no introns have been detected in the same DNA region in isolates of S. sclerotiorum and S. minor.  Difference in nucleotide sequence in the ITS regions were also detected among the three species.

Disease cycle and epidemiology

Among the three Sclerotinia spp., S. sclerotiorum has the widest host range.  It infects more than 400 plant species.  S. minor causes diseases on a range of crops in at least 53 plant genera, and causes significant economical losses in peanuts, sunflower and lettuce.  S. trifoliorum causes diseases on plants belonging to 21 plant genera and cause major ecological loses mainly in legumes, particularly forage legumes such as  Medicago spp. and Trifolium spp.

All three species survive in soil as sclerotia for 10 to 12 years without suitable host plants.  Sclerotia of S. sclerotiorum require chilling (conditioning or leaching) before being able to germinate carpogenically to produce apothecia and ascospores.  In contrast, sclerotia of S. minor and S. trifoliorum do not require chilling for carpogenic germination.  In production regions where winter conditions are too warm to condition sclerotia of S. sclerotiorum, stem infections always originate from either S. minor or S. trifoliorum, but crown infection could be by any of the three species, although usually one species dominates in a particular field. Myceliogenic germination of all three species does not require chilling.  The disease is favored by cool moist weather.  The pathogens form sclerotia on infected plants, and the sclerotia could be collected at harvest with seeds or fall onto the ground before or at harvest (Fig. 5).

Diagnostic techniques

Diagnosing crown and stem rot of chickpea in the field can be accomplished by general symptoms described above and by observing sclerotial formation on diseased plants.  To determine the pathogen to species, crown and stem rot caused by S. minor can be identified by observing small (1 mm in diameter) and numerous sclerotia, whereas S. sclerotiorum and S. trifoliorum form sclerotia in diameters of 5-6 mm, and fewer in number than those produced by S. minor. However, differentiation of S. sclerotiorum from S. trifoliorum in the field is not practical, and laboratory identification is required.

  In culture, S. minor can be separated from S. sclerotiorum and S. trifoliorum by its patterns of sclerotial production.  S. minor produces numerous small sclerotia scattered on the petri dish plates, whereas both S. sclerotiorum and S. trifoliorum produce a small number of large-sized sclerotia in a ring pattern near or around the edge of the plates. S. trifoliorum generally shows slower initial mycelium growth than S. minor and S. sclerotiorum.  The ultimate criteria of identifying S. trifoliorum are the ascopsore dimorphisms showing four large and four small ascospores in an ascus (Fig. 6).

Management

Management of Sclerotinia crown and stem rot of chickpea is mainly limited to cultural practices.  Deep plowing, when practical and possible, that buries sclerotia more than 6 cm below soil surface can reduce inoculum density in the infecting soil layer and reduce carpogenic germination of sclerotia and therefore reduce disease incidence.  Selecting chickpea cultivars with upright growth that can delay close of canopy will help reduce carpogenic germinations and reduce stem infection.  No known chickpea cultivars are resistant to Sclerotinia stem and crown rot.  Efforts to develop chickpea cultivars resistant or tolerant to Sclerotinia are ongoing.  Biocontrol agents for Sclerotinia have not been tested on chickpea.

Sufficiently long crop rotation with non-host crops such as cereals will help reduce inoculum build up.  Sclerotia will germinate and produce apothecia during seasons of non-host crops, therefore will reduce inoculum load when chickpea is planted after a long rotation.

Effective weed control will also reduce inoculum build up in conjunction with crop rotation because of the wide host range including many dicotyledons weed plants. 

Wide row spacing will delay canopy closure and minimize microenvironment conducive for sclerotial germination.  However, whether wide row spacing will increase yield is yet to be determined.
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Fig. 1. Stem lesion of chickpea caused by Sclerotinia sclerotiorum. (Courtesy W. Chen)
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Fig. 2. Crown rot of chickpea showing white mycelial growth from an infected plant. (Courtesy W. Chen)
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Fig. 3. Sclerotia of Sclerotinia trifoliorum formed on a crown-infected chickpea plant. (Courtesy W. Chen)
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Fig. 4. Cultural characteristics of three Sclerotinia species.  Left: S. minor; Middle: S. sclerotiorum, and right: S. trifoliorum. (Courtesy Bryan R. Cody and Marc Cubeta)
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Fig. 5. Disease cycle of Sclerotinia stem rot of chickpea. (Courtesy W. Chen, artwork by Tracy Anderson)
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Fig. 6. Ascospore morphology of Sclerotinia species. A and B: two different-sized ascospores of S. trifoliorum, and C: similar-sized ascospores of S. sclerotiorum. (Printed with permission from Njambere et al. 2008 Plant Disease).

Lentil

Sclerotinia white mold of lentil is caused by the fungus Sclerotinia sclerotiorum. It is also referred to as Sclerotinia stem and pod rot and Sclerotinia blight in the literature. Although the pathogen has a worldwide distribution, it is considered to be of only minor importance in lentil. However, under wet conditions and in dense canopies, the disease can cause significant damage.

Symptoms

Symptoms usually start after plant canopy closes, which create microenvironment under the canopy favorable for sclerotia germination and ascocspore release.  Sclerotinia sclerotiorum causes bleached lesions on stems (Fig. 1), leaves, pedicels and pods (Fig. 2). Infection of lentil stems usually results in yellowing and wilting of tissues above the lesions, creating patches of dead plants when viewed above the canopy (Fig. 3).  Under the canopy, characteristic white, cottony mold often cover infected plant parts (Fig. 4).  The whole plants could be covered by white mycelium (Fig. 5).  Often, dark sclerotia are found on severely infected plant tissue. The fungus also can colonize lentil seeds.

Causal organism

Sclerotinia sclerotiorum (Lib.) de Bary is a necrotrophic apothecial ascomycete belonging to the Discomycetes. The hyaline, multinucleate and branched hyphae can grow rapidly over host tissue and ramify intra-and intercellularly. Mycelium on or in host tissue appears white to tan. Globose spermatia extruded through phialides at the tips of microconidiophores are often present, though their function is still unknown. The fungus produces sclerotia that are black at maturity, rounded to elongate, and reaching sizes of up to several centimeters. The surface of the sclerotia can be smooth or slightly pitted. Sclerotia are differentiated into a distinct rind, a cortex 2- to 3-cells thick, and a medulla of highly branched, hyaline hyphae. Sclerotia can produce one to several light to dark brown apothecia, which are funnel shaped to discoid with the hymenium on the upper surface. Apothecia range in diameter up to about 2 cm. Eight elliptical to ovoid, hyaline, unicellular ascospores of 6 - 28 ( 2 - 15 μm develop within cylindrical to cylindro-clavate asci, which are 81 - 252 ( 4 - 22 μm. Spores are forcibly ejected from asci.

Disease cycle and epidemiology

The life cycle of S. sclerotiorum has been studied in detail on several crops, including canola and bean. The disease cycle in lentil is initiated through ascospores released from carpogenically germinating sclerotia, as well as through myceliogenically germinated sclerotia that have overwintered on or near the soil surface. In temperate climates, sclerotia require a period of cold conditioning before they can germinate. 

Apothecia develop on sclerotia when specific environmental conditions are met, and in particular with respect to soil temperature and moisture levels. Apothecia can release spores continuously for several weeks depending upon the temperature. Similar to the infection of bean and canola by S. sclerotiorum, it is assumed that petals are involved in the infection of lentil by providing the ascospores with nutrients required for successful invasion of the host tissue. Infection of healthy lentil tissue occurs through these infected senescent petals once they are abscised and land on leaves and stems. However, there is also evidence suggesting that germinated ascospores can directly invade healthy, green lentil tissue and senescing tissue. Lentil plants become more susceptible to infection by the pathogen as they mature. Infection also occurs through mycelial growth in dense, lodging lentil canopies when stems and leaves touch the soil, and when diseased and healthy tissues make contact. 

Hyphae of S. sclerotiorum ramify in and on lentil tissue by producing cell-wall degrading enzymes and oxalic acid, causing yellowing and the typical bleaching. Sclerotia form in and on infected lentil tissue and some are returned to the soil upon harvest (Fig. 6). Others, however, may thresh out with the seed.

The fungus has a worldwide distribution and a wide host range.  More than 400 plant species belonging to 75 families have been recorded as host of S. sclerotiorum. 

Sclerotia represent resilient structures that can survive in the soil for many years. It has been suggested that survival on the soil surface is lower due to exposure to UV radiation. Sclerotia require specific conditions for germination to take place. Temperatures of 10 to 25(C and soil water potentials of 0 to -7.5 bars have been reported to promote carpogenic germination. The longevity of apothecia will increase at lower temperatures, but spore release per hour is higher at higher temperatures. At 25(C ascospore release has been observed for up to 10 days, whereas at 3 to 5(C, spore release lasted for 16 weeks. High humidity also promotes the longevity of apothecia and thus increases total spore output, but ascospores are also ejected at lower relative humidity. Once released, ascospore survival is negatively effected by high temperatures combined with high relative humidity. 

Conducive conditions for infection are usually met once the crop canopy closes, which coincides with early to mid-flowering depending upon the cropping system. High plant density and excessive vegetative growth will increase the risk of infection. Sclerotinia white mold tends to be a problem in years with above average precipitation in the last third of the lentil growing season.

Management

Due to the wide host range of this pathogen and the longevity of sclerotia in the soil, crop rotation is not effective in reducing disease pressure. In heavily-infested fields, long rotations with cereal rather than other broad leaf crops may prevent a further build-up of inoculum. Reducing plant density in lentil crops to improve air flow in the canopy is difficult because the plants compensate by becoming bushier, or weed control becomes problematic and seed yield is reduced. 

Lentil breeders have been screening for resistance to Sclerotinia white mold, and some cultivars have been identified that consistently show lower to moderate levels of the disease. 

Early infection of flower petals can be reduced or prevented by fungicide applications. Late season control through fungicides usually is not feasible because the dense canopy prevents penetration of the fungicide to the plant base where infection occurs. Although fungicide applications may lower Sclerotinia white mold severity, they do not consistently increase seed yield. Consequently, there is usually no economic benefit in fungicide applications.
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Fig.1. A lentil plant showing bleached stem and wilting above the infection caused by Sclerotinia sclerotiorum. (Courtesy W. Chen)
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Fig. 2. Lentil pods showing white mold symptoms. (Courtesy Armstrong and Cho)
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Fig. 3. Patches of dead lentil plants caused by Sclerotinia sclerotiorum. (Courtesy W. Chen)
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Fig. 4. White mycelial growth on lentil stems and leaves under canopy. Note moist soil conditions. (Courtesy W. Chen)
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Fig. 5. Whole lentil plants covered by white mycelium of Sclerotinia sclerotiorum. (Courtesy Boechler)
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Fig. 6. Black irregularly shaped sclerotia of Sclerotinia sclerotiorum fall onto the ground under lentil canopy. (Courtesy W. Chen)

Stemphylium Blight
Lentil

Stemphylium blight, also referred to as Stemphylium leaf spot in the literature, is caused by Stemphylium botryosum. The disease is most devastating in Bangladesh and the north-eastern state of Bihar in India where yield losses of 80% and higher have been recorded. The disease has also been reported from Hungary, Egypt, Syria, and the U.S.A., and has been regularly observed in lentil fields and on lentil seed in Canada.  Stemphylium sarciniforme (Cav.) Wilts. is reported to infect chickpea in Bangladesh, India, Iran and Syria.

Symptoms

Initial symptoms on leaves and stems consist of small light beige lesions that enlarge and coalesce (Fig. 1). They are often found first in the upper canopy from where the disease spreads to lower plant parts. Eventually, entire branches become necrotic resulting in the characteristic blighted appearance of lentil plants (Fig. 2). Often, plants experience severe leaf drop leaving only terminal leaves on branches. The fungus also infects pedicels and flowers causing flower abortion. Severe infection can significantly reduce plant biomass, lower seed yield, decrease seed size and result in seed staining (Fig. 3) and low germination rates.  On chickpea leaf lesions consist of necrotic spot roughly ovoid in shape and dark brown at center, with a broad gray boarder (Fig. 4).  Small, dark brown, elongated spots may develop on stems.

Causal organism

Stemphylium botryosum Wallr. is the anamorph of the ascomycete Pleospora tarda E.G. Simmons that has been reported from a variety of leguminous and non-leguminous host plants. The fungus produces very characteristic light brown to black conidia that are conspicuously constricted at the median transverse septum. Conidia are further partitioned through secondary trans- and longisepta (Fig. 5). Reported sizes of conidia range from 24 ( 14 μm to 40 ( 26 μm, but the length-to-width ratio usually falls between 1 and 1.5. The globose shape of conidia and a rough surface of the conidiogenous cell differentiate this species from S. vesicarium (Wallr.) E.G. Simmons (anamorph of P. herbarum (Pers.: Fries) Rabenhorst ex Cesati & DeNotaris). Stemphylium vesicarium forms more oblong conidia on conidiogenous cells with a sparsely roughened apical region. Sexual fruiting structures have been observed in culture. Asci are formed in pseudothecia, are subcylindrical and approximately 200 ( 40 μm. Mature ascospores are on average 40 ( 17 μm with three primary and four secondary transverse septa, as well as primary and secondary longitudinal septa.

The biology of this pathogen is not well studied on lentil. It is assumed that S. botryosum survives on debris of lentil or alternative host plants, but it is also a vigorous saprophyte and conidia are very common in the environment. Lentil plants become more susceptible to infection by the fungus as they mature. Conidia of S. botryosum are air-borne, and violent spore release from the conidiophores has been observed on onion leaves with decreases in relative humidity. After release, the conidiophores regrow and produce successive generations of conidia. Germination of the conidia occurs with several germ tubes that grow over the leaf surface until they invade the tissue. Based on limited data, it appears that the fungus does not produce appressoria on lentil, but penetrates primarily through stomata. The phytotoxin stemphol has been isolated from a number of isolates and has been implicated in lesion formation on various hosts. Under conducive conditions, the pathogen forms an abundance of conidia on the surface of lentil leaves. It is not known whether sexual fruiting structures are formed in nature. The fungus is seed-borne but detailed studies on seed colonization and seed-to-seedling transmission are lacking. 

Host range and epidemiology

Stemphylium botryosum has been reported from a wide range of host plants including asparagus, canola, alfalfa, cotton, tomato, garlic, mango, pear, onion, clover and lentil. 

Conidial germination and infection of lentil can occur over a wide range of temperatures from 5 to above 30(C in the presence of free water. Germination and disease development is, however, slowed down at temperatures below 15(C. Exposing conidia to dry conditions for up to 4 days after an initial 2 hours of wetness will reduce germination to below 10%. Conidia appear to be relatively unaffected when wetness periods are interrupted by dry periods up to 12 hours, but germination declines after longer intermittent dry periods. Similarly, disease severity on lentil plants appears to be more influenced by the length of the initial wetness period than by the length of the following dry period. 

In India, optimal conditions for Stemphylium blight epidemics are characterized by high relative humidity of more than 85% in the morning and more than 50% in the afternoon, less than 8 hours of sunshine per day, more than 30 foggy and cloudy days, and an average mean temperature of 18 ( 2(C during the critical period from December to February. In Bangladesh, temperatures above 8/22( at night/day and a relative humidity of above 94% in the canopy are considered favourable for Stemphylium blight development. In both countries Stemphylium blight symptoms can be observed early in the growing season. However, in Canada Stemphylium blight tends to develop during the last third of the growing season, in particular when above average rainfall occurs in August and September. 

Management

Stemphylium blight management depends on the timing of seeding, fungicide applications and the use of resistant cultivars. Cultivars with resistance to S. botryosum have been developed through collaborations between the International Centre for Agricultural Research in the Dry Areas (ICARDA) and the Bangladesh Agricultural Research Institute (BARI), resulting in the release of Barimasur-4, -5, and -6.

Repeated fungicide applications are recommended for Stemphylium blight control in Bangladesh. Three applications of iprodione, propineb, mancozeb or sulphur, sprayed at 7-day intervals once symptoms were observed, significantly reduced disease severity and increased yield by 23 to 40%. Delaying seeding also reduced disease severity. Limited data from Canada indicates that pyraclostrobin is also efficacious in controlling Stemphylium blight.
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Fig. 1: Characteristic small light beige lesions and coalesced large lesions caused by Stemphylium botryosum on lentil leaves. (Courtesy S. Banniza)
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Fig. 2: Stemphylium blight on lentil leaves and entire branches. (Courtesy S. Banniza)
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Fig. 3: Stained lentil seed from plants with severe Stemphylium blight infection. (Courtesy S. Banniza)
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Fig. 4. Ovoid necrotic lesions with broad gray borders of Stemphylium blight on chickpea. (Courtesy ICRISAT)
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Fig. 5: Characteristic multiseptate conidia of Stemphylium botryosum that develop abundantly on lentil leaves. (Courtesy S. Banniza)
Other Diseases of Chickpea and Lentil

A number of other diseases of chickpea and lentil of minor or local importance are described in Table X.

Table X. Diseases of chickpea and lentil of minor or local importance

	Disease
	Causal organism(s)
	Symptoms
	Distribution
	Control

	Other diseases of both chickpea and lentil
	
	
	

	Aphanomyces root rot
	Aphanomyces euteiches C. Drechsler
	Destruction of cortical tissue and fine roots
	USA
	Improve drainage

	Black root rot
	Fusarium solani (Mart.) Sacc.

Fusarium solani (Mart.) Sacc.f. sp. pisi (F.R. Jones) Snyd. & Hans.
	Yellowing and wilting of scattered plants.  Root system rotten, finer roots shed, remaining roots turn black (Fig. 1). High moisture and high temperature favors the disease.
	Argentina, Chile, Bangladesh, Egypt, India, Iran, Mexico, Spain, Syria, USA
	Rotation, seed treatment, resistance in chickpea

	Cylindrosporium leaf spot and stem canker
	Cylindrosporium sp.


	Necrotic spots on leaves and canker on stems.
	Syria
	No known control measure

	Downy mildew


	Peronospora lentis Gäumann

Peronospora viciae (Berk.) Casp.

Peronospora ciceris Agarwal, Kulshreshtha, Bhalla and Sarbhoy
	White mycelium patches on lower leaf surface, forming chlorotic spots on leaf upper surfaces.  Leaves turn to dark gray color and become mottled under severe infection favored by cool, wet humid conditions.
	Bangladesh, Egypt, France, Hungary, India, Mexico, Syria


	Avoid high plant densities, late planting, fungicides

	Ozonium wilt and collar rot


	Ozonium texanum Neal and Wester. var. parasiticum Thirum.
	Thick, white mycelium on the collar region, yellowing, wilting. Sclerotia (1-3 mm) may be visible.
	India
	Resistance, intercropping with mustard, sanitation

	Phoma leaf spot

 and blight
	Phoma medicaginis Malbr. & Roum.
	Irregular, light brown lesions with dark margins on leaves, stems and pods similar to Ascochyta blight.
	Australia, Bangladesh, India, Syria, USA
	No known control measure

	
	
	
	
	

	Other diseases of chickpea
	
	
	

	Acrophialophora wilt
	Acrophialophora fusispora (Saksena) Samson
	Leaves drooping and wilting.
	India
	Rotation

	Foot rot
	Phacidiopycnis padwickii (Kheswalla) B. Sutton

(= Operculella padwickii Kheswalla)
	Dark brown to black sunken lesions on cotyledons and collar region, extending to the epicotyl and basal tap root. Girdling in the collar region, resulting in the wilting and death. Internal stem discoloration may occur, but does not involve pith tissue (Fig. 2). Leaves were pale green and finally became straw-colored.
	Bangladesh, India, Nepal
	

	Fusarium root rot


	Fusarium acuminatum Ellis & Everh.

Fusarium avenaceum (Corda:Fr.) Sacc.

Fusarium roseum
Fusarium solani (Mart.) Sacc. f. sp. Eumartii (C. Carpenter)

    W.C. Snyder & H.N. Hans.

(= Fusarium eumartii Carpenter)
	Destruction of the root, death of plant.  Seed borne, produces chlamydospores.


	Throughout chickpea and lentil production regions
	Rotation

	Leaf spot
	Myrothecium roridum Tode:Fr.

Mystrosporium sp.

Scopulariopsis brevicaulis (Sacc.) Bainer


	Necrotic lesions on leaves
	India
	No known control measure

	Epicoccum leaf spot
	Epicoccum purpurescens Ehrenb. Ex Schlecht.


	Spots on young leaves reddish brown, on older leaves blackish, differing from Stemphylium spots which are grayish with reddish margins.
	Hungary
	No known control measure

	Neocosmospora root rot


	Neocosmospora vasinfecta E.F. Smith
	Root rot
	India
	No known control measure

	Seedling or seed rot


	Aspergillus flavus Link:Fr.

Trichothecium roseum (Pers.:Fr.) Link
	Seed rot, pre-emergence damping- off, and post-mergence damping-off.
	India
	No known control measure

	Trichoderma foot rot
	Trichoderma harzianum Rifai
	Root rot
	India
	

	Other diseases of lentil
	
	
	
	

	Cercospora leaf spot
	Cercospora lensii

C. zonata

Perfect state (Mycosphaerella sp.)
	Water soaked lesions on leaves, causing leaves to dry and fall off.
	Bangladesh, India, Mauritius


	No known control measure

	Leaf Yellowing
	Cladosporium herbarum (Pers.) Link
	Yellowing, mold growth on plants.
	Canada, Turkey 
	No known control measure

	Septoria leaf spot
	Septoria sp.
	Leaf spots with speckles (pycnidia).
	Syria
	No known control measure

	Helminthosporium leaf spot
	Helminthosporium sp.
	Necrotic lesions on leaves
	Turkey
	No known control measure

	Leaf rot
	Choanephora sp.
	Necrotic lesions on leaves.
	Syria


	No known control measure

	Damping off
	Gliocladium roseum Bain
	Damping-off.
	Egypt, Syria
	No known control measure

	Damping-off, Root rot
	Botryodiplodia sp.

Cephalosporium sp.
	Damping-off, root rot
	Syria
	No known control measure
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Fig. 1. Black root rot of chickpea showing rot, lose of finer roots and turning black.
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Fig. 2. Symptoms of foot rot of chickpea dark brown to black sunken lesions on cotyledons and collar region (A), extending to the epicotyl and basal tap root (B), and internal stem discoloration at collar region (C).  Note the dicoloration doe not involve pith tissue differentiate foot rot from Fusarium wilt. (Courtesy ICRISAT)
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