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Vital physiological processes that drive the insect molt represent areas of
interest for the development of alternative control strategies. The western
tarnished plant bug (Lygus hesperus Knight) is a pest of numerous
agronomic and horticultural crops but the development of novel control
approaches is impeded by limited knowledge of the mechanisms regulating
its molt. To address this deficiency, we examined the fundamental
relationship underlying the hormonal and molecular components of ecdysis.
At 27°C L. hesperus exhibits a temporally controlled nymph–adult molt
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that occurs about 4 days after the final nymph–nymph molt with
ecdysteroid levels peaking 2 days prior to the final molt. Application of
exogenous ecdysteroids when endogenous levels had decreased disrupted the
nymphal–adult molt, with treated animals exhibiting an inability to escape
the old exoskeleton and resulting in mortality compared to controls. Using
accessible transcriptomic data, we identified 10 chitinase-like sequences
(LhCht), eight of which had protein motifs consistent with chitinases.
Phylogenetic analyses revealed orthologous relationships to chitinases
critical to molting in other insects. RT-PCR based transcript profiling
revealed that expression changes to four of the LhChts was coordinated
with the molt period and ecdysteroid levels. Collectively, our results support
a role for ecdysteroid regulation of the L. hesperus molt and suggest that
cuticle clearance is mediated by LhCht orthologs of chitinases that are
essential to the molt process. These results provide the initial hormonal and
molecular basis for future studies to investigate the specific roles of these
components in molting. C© 2016 Wiley Periodicals, Inc.
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INTRODUCTION

The plant bugs (Hemiptera: Miridae) are represented by numerous polyphagous agri-
cultural pests, many of which have global distributions (Wheeler, 2001; Schuh, 2013).
An economically important genus of this group is Lygus. Although control strategies for
members of this genus have relied on broad-spectrum insecticides, there are increasing in-
stances of field populations becoming resistant to many of these compounds (Snodgrass,
1996; Snodgrass and Scott, 2002; Snodgrass et al., 2009). A promising area for developing
alternative insect control strategies is in targeting mechanisms that regulate major life
processes. Hampering efforts toward devising such approaches for Lygus is a generally
poor understanding of underlying physiological mechanisms. One developmental event
with great potential for disruption is molting, a time when insects are particularly suscep-
tible to environmental stressors, predation (Wheeler, 2001), and hypoxia (Camp et al.,
2014). As is typical for other true mirids, Lygus bugs molt through five nymphal instars
before eclosing as winged adults (Wheeler, 2001). Among these events, the molt to adult
involves the most radical tissue reorganization and provides perhaps the best opportunity
to study the underlying mechanisms.

For most insects, a molt is initiated when sufficient endogenous resources have been
accumulated to trigger the production of a new cuticle. There is variation in the specifics
of this process, but a general pattern has emerged based on research with key species
such as Bombyx mori¸ Drosophila melanogaster, and Manduca sexta (Riddiford et al., 2003;
Zitnan and Adams 2005). Controlling the molt is the brain, which integrates numer-
ous somatic signals to decide when a nymphal stadium is at an end. The brain secretes
prothoracicotropic hormone, which triggers the production and release of ecdysteroids
from the prothoracic glands. A rapid rise and subsequent decline in ecdysteroid levels
initiates the process of apolysis, the detachment of the cuticle from the epidermis. Ele-
vated ecdysteroids induce gene expression changes in the epidermal cells, leading to the
secretion of molting fluid enzymes that dissolve the inner layers of the old cuticle. The
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chitin and proteinaceous components of the cuticle are desclerotized, so that they can
be resorbed and utilized to construct the new cuticle (Merzendorfer and Zimoch, 2003).
As the old cuticle is degraded, an apolysial space forms beneath the cuticle and fills with
molting fluid. Epidermal cells then proliferate and the new cuticle is produced. When
the new cuticle is in place, molting fluid is resorbed and the insect initiates a behavioral
sequence that leads to ecdysis of the old cuticle. The high ecdysteroid levels that initiate
the molt also help to prevent premature ecdysis (Truman, 2005). Eclosion is followed by
sclerotization and pigmentation of the new cuticle.

A key part of apolysis is the secretion of chitinases by the epidermis to digest the struc-
tural polysaccharide that gives the insect exoskeleton much of its toughness and pliability
(Kramer and Koga, 1986; Kramer and Muthukrishnan, 2005). Chitinases are classified as
glycosol hydrolases and belong to multigene families (Henrissat and Bairoach, 1993). Dur-
ing the molt, chitinases are found in the molting fluid and are responsible for hydrolyzing
chitin in the old cuticle into oligosaccharides (Doucet and Retnakaran, 2012). The re-
duced product is then further degraded by other enzymes (Fukamizo and Kramer, 1985;
Filho et al., 2002), particularly β-N-acetylglucosaminidases, which convert to monomers
the chitooligomers produced by chitinases (Merzendorfer and Zimoch, 2003). The ex-
pression levels of chitinases typically respond to circulating ecdysteroids; the increase in
ecdysteroids prior to the molt results in an increase in chitinases, and the subsequent
decline in the hormone reduces the enzyme levels (Kramer and Muthukrishnan, 2005).
For some species it has been shown that reduction of circulating ecdysteroids through use
of ligatures (Fukamizo and Kramer, 1987) or injected agonists (Zheng et al., 2003) can
prevent chitinase synthesis and thereby delaying the molt. However, ecdysteroids are not
the only known regulator of chitinase expression. In the darkling beetle Tenebrio molitor,
juvenile hormone (JH) level has been shown to be the primary determinant of chitinase
expression (Royer et al., 2002). The genomes of several species code for multiple chiti-
nases (Zhu et al., 2008a; Nakabachi et al., 2010; Zhang et al., 2011; Pan et al. 2012; Xi
et al., 2015), and while many are likely to have overlapping roles, their specific function
can vary, as well as the timing and location of their expression (Zhu et al., 2008b; Xi et al.,
2015). In addition to their role in molting, chitinases are involved in digestion, immune
response, and pathogenicity (Zhu et al., 2008b; Arakane and Muthukrishnan, 2010). The
varied capabilities of the chitinases are a result of the diversity in their form. While all
are multidomain structures, with at least one domain allocated to catalysis and another to
substrate binding (Doucet and Retnakaran, 2012), they operate with different efficiencies
and target different substrates. Knockdown of these chitinases has been shown to inter-
fere with all or parts of the molting cycle (Zhu et al., 2008b; Zhang et al., 2012; Xi et al.,
2015; Li et al., 2015), making these enzymes promising targets for novel control measures.
In support of such an approach, transgenic and recombinant expression of chitinases in
plants has been shown to increase resistance to several pests (Zhu et al., 1994; Regev et al.,
1996; Kramer et al., 1996; Ding et al., 1998; Lawrence and Novak, 2006).

Little is known about the hormonal and molecular control of molting in the western
tarnished plant bug (L. hesperus Knight). Lygus hesperus is the dominant pest Lygus species
in the western United States (Schwartz and Footit, 1998) and is damaging to numerous
crops (Scott, 1977). Although the pacing of L. hesperus development can be influenced
by exogenous factors such as diet (Debolt, 1982), population density (Brent, 2010), and
temperature (Champlain and Butler, 1967; Butler and Wardecker, 1971; Cooper and
Spurgeon, 2012, 2013), nothing is known of the coordination of these responses. This
study provides the first detailed information on the underlying mechanisms regulating
the adult molt of Lygus. We identified genes of the chitinase-like family in L. hesperus,
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annotated transcriptome sequences, and mapped phylogenetic relationships. We also
tracked changes before and after the adult molt to the expression of the chitinase-like
sequences and circulating levels of ecdysteroids, and explored linkages to the molting
process through hormonal manipulation. These are important initial steps toward devel-
oping control approaches that target a potential vulnerability of this key pest.

MATERIALS AND METHODS

Insect Rearing

Lygus hesperus were obtained from an in-house colony (USDA-ARS Arid Land Agricultural
Research Center, Maricopa, AZ). Stock insects were given unrestricted access to a supply of
green bean (Phaseolus vulgaris L.) pods and an artificial diet mix (Debolt, 1982) packaged
in Parafilm M (Pechiney Plastic Packaging, Chicago, IL; Patana, 1982). Both food sources
were replenished as needed. Insects were reared at 27.0 ± 1.0°C, 40–60% relative humidity,
under a 14:10 L:D photoperiod. Experimental insects were generated from eggs deposited
in oviposition packets (agarose covered in Parafilm M) and maintained under the same
conditions.

Determination of Developmental Timing and Ecdysteroid Titer

Nymphs were collected from the stock colony as fourth instars. Collected nymphs were
reared in 1890-ml waxed chipboard cups (Huhtamaki, De Soto, KS) at a density known
to have minimal effect on L. hesperus development (100–150 nymphs/container; Brent,
2010). Both genders were maintained together on a green bean and raw sunflower seed
(Helianthus annuus L.) diet, which was replaced every 2 days. Rearing cups were covered
with nylon mesh to ensure air circulation and light exposure. Daily monitoring allowed
fifth-instar nymphs to be collected within 24 h of eclosion. To determine the duration
of the fifth nymphal stadium and the timing of the adult molt, a group of 100 newly
eclosed animals were surveyed at each 24-h interval to observe molting and track mortality.
Monitoring was discontinued after 5 days, at which point more than 90% had molted to
adulthood.

To determine the whole body concentration of ecdysteroids during this period, Lygus
were sampled on the day of eclosion to fifth instar and at 24-h intervals thereafter until
48 h after the adult molt. At each time point, 15 samples were collected for each gender.
Animals were collected directly into 250 μl of cold 90% methanol (Sigma-Aldrich, St.
Louis, MO) to minimize the effect of handling stress on their endocrine state. Each
sample consisted of 10 pooled insects, which were thoroughly homogenized with a tissue
grinder then centrifuged at 4ºC and 5,000 × g for 10 min. The ecdysteroid-containing
methanol phase was collected and placed into a labeled 1.5-ml microcentrifuge tube.
Residual ecdysteroids were collected from the pellet by repeating the extraction twice
more to generate a final methanol volume of �750 μl. Extracts were dried, re-suspended
in 200 μl 90% methanol and stored at –80ºC until assayed. Ecdysteroid content was
determined by a competition radioimmunoassay originally developed by Warren et al.
(1984) as modified by Brent et al. (2006). Duplicate 10-μl aliquots of the methanol
phase of each partitioned sample were incubated overnight with 100 μl of (3H)-20-
hydroxyecdysone stock (85.2 μCi/mmol, Perkin-Elmer, Waltham, MA) in borate buffer,
and 100 μl of a polyclonal ecdysteroid antiserum (H-22 antibody, L. Gilbert, UNC-CH) at
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4°C on an orbital shaker. The specific ecdysteroid is unknown for L. hesperus, but the H-22
antibody cross-reacts with ecdysone, ecdysterone, 20-hydroxyecdysone, and makisterone A
(Warren and Gilbert, 1986). Intra- and interassay variability was minimized by generating
standard competition curves for each set of samples, using a 20-hydroxyecdysone (20E)
stock (Sigma-Aldrich, St Louis, MO) over a range of 15.6–2000 pg. After incubating �18
h, 20 μl of cleaned protein A solution (Pansorbin; CalBiochem, San Diego, CA) was added
to each tube to precipitate the antibody–antigen complex. Tubes were incubated for 1
h at 25°C, and then centrifuged at 5,000 × g for 5 min. Supernatant was removed and
the remaining pellet was washed twice with 100 μl of borate buffer. The incorporation
of microlabel was determined by a 2450 MicroBeta2 scintillation counter (Perkin-Elmer,
Waltham, MA) and ecdysteroid concentrations were estimated by nonlinear regression
(Brent et al., 2006).

Manipulation of Molt Timing with Ecdysteroid Application

Lygus raised at 27ºC have a short (�24 h) interval between the drop from peak ecdysteroid
production and the adult molt. To discern differences in molt timing that are induced by
exogenous hormone treatments, it was necessary to slow the rate of development to elon-
gate this postpeak period. Such developmental delays can be achieved by rearing Lygus
at low temperatures (Champlain and Butler, 1967; Butler, 1970; Butler and Wardecker,
1971; Cooper and Spurgeon, 2013). To determine the timing of the adult molt under
a low-temperature regime, newly eclosed fifth instars were reared in an environmental
chamber (model I30BLL, Percival Scientific, Perry, IA) set to 16.9 ± 1.0ºC (40–60% RH;
14:10 L:D). Once the timing of the adult molt was determined, another cohort of newly
eclosed fifth instars was collected and held as described above at 16.9ºC. Six days later,
when ecdysteroid levels were expected to drop to a premolt nadir, groups of 200 nymphs
each received one of three treatments to test the effect of disrupting the normal decline
in ecdysteroid levels. One group received a 1-μl aliquot of 20E dissolved in 90% methanol
(1 μg/μl) topically applied with a micropipettor (Eppendorf Research 0.1–2.5 μl; Ham-
burg, Germany) to the dorsal side of abdomen. A second group received a 1-μl aliquot of
90% methanol alone. The third group was handled but untreated. Molting and mortality
were recorded every 24 h after treatment until 12 days after the fifth-instar molt.

Identification and Bioinformatic Characterization of L. hesperus Chitinases

To identify putative L. hesperus chitinase (LhCht) sequences, we searched our previously as-
sembled L. hesperus transcriptomes (Hull et al., 2013, 2014) with BLASTx (e-value � 10−5)
using queries consisting of chitinase-like sequences (Supplementary Table 1) from species
representing six orders: Diptera (D. melanogaster), Lepidoptera (B. mori), Hymenoptera
(Nasonia vitripennis), Coleoptera (Tribolium castaneum), Phthiraptera (Pediculus humanus
corporis), and Hemiptera (Nilaparvata lugens). The longest isoforms from the resulting L.
hesperus sequence hits were then re-evaluated by BLASTx (e-value � 10−5) using the NCBI
nr database with the top five BLAST hits exported in table format for annotation (Supple-
mentary Table 2). Identification of putative chitinase domains was performed using the
HMMER webserver (Finn et al., 2011) and protein databases consisting of Pfam, Gene3D,
and Superfamily with cutoffs based on the gathering threshold. Prediction of transmem-
brane domains was performed using TMPred (Hofmann and Stoffel, 1993) and TopPred
(Heijne, 1992; Claros and Heijne, 1994). Signal peptide prediction was performed with
SignalP 4.0 (Petersen et al., 2011).
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To determine phylogenetic relationships, MUSCLE-based multiple sequence align-
ments (Edgar, 2004) consisting of the putative L. hesperus sequences and chitinase se-
quences from the six species used in the initial BLASTx search were performed using
default settings in Geneious 7.1.7 (Kearse et al., 2012; Biomatters Ltd., Auckland, New
Zealand). Phylogenetic trees were constructed using the maximum likelihood, minimum
evolution, UPGMA, and neighbor joining methods in MEGA6 v6.06 r6140220 (Tamura
et al., 2013). For the maximum likelihood analysis, all positions with less than 95% site
coverage were eliminated leaving a total of 198 positions in the final dataset. In the other
analyses, all ambiguous positions were removed for each sequence pair leaving a total of
6,900 positions in the final datasets. The clustering of sequences and orthologous genes
was compared among the phylogenetic methods and with previous phylogenetic analyses
of chitinases and chitinase-like sequences (Arakane and Muthukrishnan, 2010; Nakabachi
et al., 2010; Pan et al., 2012; Xi et al., 2015). A percent identity heat map for the putative
L. hesperus chitinase sequences was generated using MUSCLE-based sequence alignment
as described above.

RT-PCR Expression Profile of Chitinase-like Transcripts in L. hesperus

Expression of the L. hesperus chitinase-like transcripts was initially examined in pooled
samples. For first and second instars, 20 nymphs of mixed gender were used. For third–
fifth, 10 nymphs were pooled. For adults, five of each gender were pooled at ages of 0, 1, 3,
7, and 10 days post eclosion. Subsequent analyses utilized fifth instars at 0, 1, 2, 3, and 4 days
post ecdysis, and adults of each gender sampled at 0, 1, and 2 days post eclosion. Insects
were drawn from the same cohort used to determine the ecdysteroid titer. To obtain
total RNAs, samples were homogenized in TRI Reagent Solution (Life Technologies,
Carlsbad, CA) based on recommendations from the manufacturer using a TissueLyser
(Qiagen, Valencia, CA). Isolated total RNA was quantified based on absorbance at 260 nm
using a Take3 multivolume plate on a Synergy H4 hybrid multimode microplate reader
(BioTek Instruments, Winooski, VT). First strand cDNA was synthesized from 500 ng of
DNase I-treated total RNAs using a SuperScript III (Life Technologies) first-strand cDNA
synthesis kit with custom made random pentadecamers (IDT, San Diego, CA). End-point
PCR amplification was performed using Sapphire Amp Fast PCR Master Mix (Takara Bio
Inc./Clontech, Palo Alto, CA) with 0.4 μl (10 ng) cDNA template and sequence-specific
primers (Supplementary Table 3) designed to amplify �500 bp fragments of the L. hesperus
chitinase-like transcripts or a 555-bp fragment of the Lygus actin transcript (accession no.
DQ386914). Thermocycler conditions consisted of 95°C (2 min), followed by 35 cycles
of amplification (94°C, 20 sec; 56°C, 20 sec; 72°C, 20 sec) and a final extension of 72°C
for 5 min. Expression profiles were replicated at least three times using cDNA templates
prepared from different biological replicates. PCR products were electrophoresed on
1.5% agarose gels and visualized with SYBR Safe (Life Technologies). Representative
bands were subcloned into a pCR2.1 TOPO TA cloning vector (Life Technologies) and
sequenced at the Arizona State University DNA Core Lab (Tempe, AZ).

Statistical Analyses

Female and male ecdysteroid concentrations were compared for each time point sam-
pled using the Mann–Whitney rank-sum test, with a Bonferroni correction for multiple
comparisons and α = 0.05. Comparisons of the adult molt probabilities, and survivor-
ship after different treatments were made by survival analyses using the log-rank statistic.
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Figure 1. (A) The percent of mixed gender nymphs (N; n = 95) that molted into adults (A) each day subse-
quent to their molt to fifth instar. (B) The mean (±SE) concentration of ecdysteroids, in 20-hydroxyecdysone
equivalents, for individual whole bodies during the fifth instar and early adult development of females and males.
Values for females and males do no differ significantly (P > 0.05, Mann–Whitney rank-sum tests; Bonferroni’s
correction for multiple comparisons). There are 15 samples per sex, per sample period.

Animals that died prior to molting or failed to molt prior to the end of the sample period
were included in the molting analysis as censored data. Likewise, animals still alive by the
end of the sample period were included in the mortality analysis as censored data. The
Holm–Sidak method was used for pairwise multiple comparisons of survival curves, using
α = 0.05. Analyses were conducted with Sigmaplot 11.0 (Systat Software, Point Richmond,
CA, USA).

RESULTS

Developmental Timing and Ecdysteroid Titer

The first molts to adulthood recorded for Lygus reared at 27°C occurred by 3 days after
the molt to fifth instar, but the average time to molt was 4.2 ± 0.5 days post ecdysis
(Fig. 1A). The molt was preceded by an increase in the whole body concentration of
ecdysteroid for both females and males (Fig. 1B). Compared to hormone concentrations
observed just after the molt to the fifth instar, ecdysteroids increased by day 1, peaked
with an eightfold to 12-fold increase on day 2, and declined to a basal level by day 3.
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In contrast to the nymphs, ecdysteroid titers were generally low in the adults, although
the concentration was somewhat higher for 3-day-old females. There were no significant
differences in concentration between females and males for any of the sample times
(Mann–Whitney, P > 0.05).

Response to Ecdysteroid Application

Nymphs reared at 16.9°C developed more slowly than those reared at 27°C, with a mean
stadium length of 8.6 ± 1.0 days for the fifth instar. From this doubling of development
time, it was estimated that the highest concentration of ecdysteroids would occur �4
days post eclosion, and that the subsequent premolt decline would be initiated by day
5. Therefore hormonal manipulation was applied 5 days after molt to the fifth instar.
Treatment had a pronounced effect on molt timing (Fig. 2A; χ2

logrank = 100.5, df = 2, P <

0.001). Topical application of 20E resulted in a model-estimated mean stadium length of
10.0 ± 0.1 days, which was significantly longer than the interval for nymphs treated with
MeOH (9.0 ± 0.1 days; Holm–Sidak; χ2

logrank = 75.40, df = 1, unadjusted-P < 0.001), or left
untreated (9.0 ± 0.1 days; χ2

logrank = 69.82, df = 1, unadjusted-P < 0.001). There was no
significant difference between the latter two groups (χ2

logrank = 0.59, df = 1, unadjusted-
P = 0.44). In addition to lengthening nymphal development time, 20E application also
influenced mortality (Fig. 2B; χ2

logrank = 123.24, df = 2, P < 0.001). Individuals treated with
the 20E had lower survival rates compared to those given MeOH (Holm–Sidak; χ2

logrank =
90.62, df = 1, unadjusted P < 0.001) or no treatment (Holm–Sidak; χ2

logrank = 64.48, df =
1, unadjusted-P < 0.001). Survival did not differ between the latter two groups (χ2

logrank =
3.78, df = 1, unadjusted-P = 0.052). While deaths were evenly distributed throughout the
sample period for the latter two groups, 91.5% of the 20E-associated mortality occurred
near the time of the adult molt. Most insects that died during the molt were trapped in
the exuvium.

Identification of Chitinase-like Transcripts in L. hesperus

To identify putative chitinase-like sequences in L. hesperus, we performed a tBLASTn
search of previously assembled transcriptomes (Hull et al., 2013, 2014) using chitinase-like
sequences from six insect species (D. melanogaster, T. castaneum, N. vitripennis, P. humanus,
B. mori, and N. lugens) as queries. The longest transcripts identified from that search were
then used as queries in BLAST searches of the NCBI nr database (Supplementary Table 2).
Taken together, the BLAST analyses suggest the presence of 10 chitinase-like sequences
(GenBank accession nos. KT717326- KT717335) in L. hesperus; eight chitinases (LhCht1-8)
and two chitinase-like sequences encoding a putative endo-beta-N-acetylglucosaminidase
(LhENGase) and an imaginal disc growth factor (LhIDGF1), respectively. Based on in-
frame start and stop codons, eight of the transcripts encompass complete open reading
frames (ORFs) whereas the other two transcripts correspond to a 5′ fragment containing
a putative start codon (LhCht2) and a 3′ fragment containing a putative stop codon
(LhCht8). The presence of glycosyl hydrolase family 18 or chitin-binding peritrophin-
A signature motifs in nine of the transcripts (Supplementary Table 4) as well as signal
peptides (Supplementary Table 4) in seven of the sequences supports the initial chitinase
annotations. While the putative LhENGase lacks these features, it has motifs and domains
consistent with endo-beta-N-acetylglucosaminidases (e.g., glycosyl hydrolase family 85; lack
of signal peptide) that hydrolyse the N,N′-diacetylchitobiosyl core of N-glycosylproteins
and are part of the GH18 chitinase-like superfamily (Lombard et al., 2014). The absence
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Figure 2. The proportion of fifth-instar nymphs that have not yet gone through the adult molt after topical
application of 20-hydroxyecdysone (20E) or the 90% methanol carrier (MeOH), or after receiving no treatment
(No treat; n = 200 for each). Those treated with 20E molted later and in lower overall proportion compared to
nymphs of the other groups (P < 0.05, Gehan–Breslow statistics for the survival curves; post hoc comparisons
with the Holm–Sidak method for all pairwise multiple comparisons). Circles represent individuals that died
prior to the adult molt or that were still alive but had not molted by the end of the sample period.

of a signal peptide in LhCht8 is not unexpected as it is a 3′ fragment that lacks a start
codon. Previous studies (Zhu et al., 2004; Arakane and Muthukrishnan, 2010; Nakabachi
et al., 2010) have reported four conserved regions (CR) in insect chitinases: CR1—
KXXXXXGGW (X signifies any amino acid); CR2—FDGXDLDWEYP; CR3—MXYDXXG,
and CR4—GXXXWXXDXDD. CR2 corresponds to the catalytic region of the enzyme with
the conserved glutamic acid (E) in this motif thought to be essential for chitinase activity.
The four regions are moderately conserved in the L. hesperus chitinase-like sequences
(Supplementary Table 5). However, the critical glutamic acid in the CR2 motif of LhCht3
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Figure 3. Distribution of chitinase-like genes in multiple insect species. Genes and/or transcripts are derived
from 16 species of insects representing six orders (Diptera, Coleoptera, Hymenoptera, Lepidoptera, Hemiptera,
and Phthiraptera). ENGase, endo-beta-N-acetylglucosaminidase; SI-CLP, stabilin-1 interacting chitinase-like pro-
tein; IDGF, imaginal disc growth factor. Values are based on numbers reported in Nakabachi et al. (2010), Pan
et al. (2012), and Xi et al. (2015).

has been replaced with a glutamine residue suggesting impaired chitinase activity. Similar
to other chitinase-like proteins, sequence identity among the L. hesperus sequences is
extremely limited, ranging from 4 to 28% (Supplementary Table 6). The 10 L. hesperus
chitinase-like sequences identified may underrepresent the full complement of chitinases
due to exclusion of temporally or spatially restricted transcripts not captured in the
transcriptome sequencing. The number, however, is comparable to that reported for
other hemimetabolous species (Nakabachi et al., 2010; Xi et al., 2015; Fig. 3).

Phylogenetic Analyses of L. hesperus Chitinase-like Transcripts

To further characterize the 10 chitinase-like proteins in L. hesperus, molecular phylo-
genetic analyses were performed using the complete predicted protein sequences and
chitinase-like sequences from the six insect species used in the initial tBLASTn searches
(see Supplementary Table 1). Phylogenetic trees were constructed using maximum like-
lihood, neighbor-joining, UPGMA, and minimum evolution methods with all exhibiting
similar topologies (data not shown). Similar to previous reports (Nakabachi et al., 2010; Xi
et al., 2015), the chitinase-like sequences clustered into 10 central clades (Fig. 4), labeled
according to Nakabachi et al. (2010). Among the L. hesperus sequences, none clustered
within the stabilin-1 interacting chitinase-like protein (SI-CLP) clade, which consists of
glycosyl hydrolase 18 superfamily proteins that lack chitinase activity. The absence of
SI-CLP sequences in L. hesperus is consistent with findings for other hemipteran insects,
including Acyrthosiphon pisum, Rhodnius prolixus, and N. lugens (Nakabachi et al., 2010; Xi
et al., 2015). The presence of a single SI-CLP-like sequence in P. humanus (EEB15598),
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Figure 4. Phylogenetic relationships of chitinase-like proteins from L. hesperus. Putative L. hesperus chitinase-like
protein sequences and full length chitinase-like sequences from six insect species were aligned using MUSCLE
(Edgar, 2004). The evolutionary history was inferred using the maximum likelihood method implemented in
MEGA6.0 (Tamura et al., 2013). The bootstrap consensus tree inferred from 1,000 replicates represents the
evolutionary history of the taxa analyzed. Numbers at branch points indicate bootstrap support values. ENGase,
endo-beta-N-acetylglucosaminidase; SI-CLP, stabilin-1 interacting chitinase-like protein; IDGF, imaginal disc
growth factor. Boxes indicate particular clades: green, IDGF; orange, SI-CLPA; pink, ENGase; blue, chitinase
groupings based on Nakabachi et al. (2010); gray chitinase gene duplications in holometabolous insects. A full
listing of the used accession numbers (indicated in parentheses) can be found in Supplementary Table 1. Lygus
hesperus proteins are shown in bold font.
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another hemimetabolous insect, suggests that loss of the SI-CLP gene may be order-
specific. The eight complete L. hesperus ORFs each aligned to one of the major clades
(Fig. 4). In contrast, the two partial sequences (LhCht2 and LhCht8) showed less se-
quence conservation; LhCht2 grouped with two other sequences on a minor branch
adjacent to the IDGF clade and LhCht8 segregated independently. This divergence was
not specific to LhCht8, as four other sequences also failed to cluster within a defined
group. Chitinase-like sequences that fail to resolve phylogenetically have been reported
previously (Nakabachi et al., 2010; Xi et al., 2015), suggesting they may be unique to the
species under study.

Seven of the 10 LhChts were identified as potential orthologs of sequences in
N. lugens and P. humanus, both of which are hemimetabolous species. Orthologs of
N. lugens sequences include LhCht1:NlCht5 (AJO25040), LhCht2:NlCht3 (AJO25038),
LhCht4:NlCht7 (AJO25042), LhCht7: NlCht2 (AJO25037), and LhIDGF1:NlIDGF1
(AJO25056). RNAi-based knockdown of NlCht5 and NlCht7 had severe effects on molt-
ing (Xi et al., 2015), suggesting functional roles in cuticle degradation. No observable
effects on morphology or survival were noted following knockdown of the other NlCht
orthologs. Orthologs of P. humanus sequences consist of LhCht6:EEB10351 and LhEN-
Gase:EEB11156. LhCht6 and EEB10351 aligned to clade VI, the functionality of which is
unknown as RNAi-mediated knockdown of NlCht8 (AJO25043) had no observable pheno-
type (Xi et al., 2015). No orthologs were identified for LhCht3, 5, or 8. LhCht3 clustered
in clade V with sequences including a Drosophila chitinase (NP 572598) that functions
in fly hair morphogenesis (Adler et al., 2013). LhCht5 sorts with clade II chitinases that
are thought to function in separating individual chitin chains. In support of this role,
knockdown of NlCht1 (AJO25036) and NlCht10 (AJO25045) resulted in lethal pheno-
types with impaired development at the nymph–nymph molt (Xi et al., 2015), whereas
TcCht10 (NP 001036067) is critical for completion of the larval–larval, larval–pupal, and
pupal–adult molts in holometabolous species (Zhu et al., 2008b). Consistent with the
phylogenetic analyses of Nakabachi et al. (2010), no chitinase sequences from any of the
hemimetabolous species examined (i.e. L. hesperus, N. lugens, and P. humanus) sorted to
clade VII, which is specific to holometabolous chitinase-like genes that have undergone
significant expansion.

Expression Profile of L. hesperus Chitinase-like Transcripts

To gain insights into the potential functional roles of the putative chitinases in L. hesperus,
we used RT-PCR to examine transcript abundance of the 10 sequences across nymphal
development (i.e., first–fifth instars) and at different points in the adult life (Fig. 5A). All
of the transcripts were amplified from each of the instars/ages examined but the relative
intensity of the amplimers varied. Amplification of five of the sequences (LhCht1, LhCht4,
LhCht7, LhCht8, and to a lesser extent LhCht3) decreased with adult age, suggesting a
reduction in overall transcript abundance. In contrast, amplification of the other L.
hesperus chitinase-like transcripts were relatively stable across the instars/ages examined.
To develop a more precise understanding of transcript abundance in relation to the
nymphal–adult molt, we next examined expression of the sequences at 24-h intervals
from the day of eclosion to the fifth instar through 2 days post adult eclosion (Fig. 5B).
Amplification of six of the 10 sequences was largely consistent across this time period. In
contrast, the levels of LhCht1, LhCht2, LhCht3, and LhCht4 varied with nymphal age.
LhCht1 exhibited rhythmic expression with levels decreasing one day after the fourth–
fifth instar molt before increasing 24 h later (i.e., at 2 days after eclosion to the fifth
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Figure 5. RT-PCR based expression profile of chitinase-like transcripts in L. hesperus. (A) Developmental
expression profile. First- (1st), second- (2nd), third- (3rd), fourth- (4th) and fifth-instar (5th) nymphs; adults
on the day of eclosion (d0); day 1- (d1), day 3- (d3), day 7- (d7), and day 10-adults (d10); and no template (NT).
(B) Expression profile in fifth-instar and early adults at 24-h intervals. Amplimers represent �500-bp fragments
of the transcripts of interest. Imaging done using 1.5% agarose gels stained with SYBR Safe. For better clarity of
low-expression transcripts, negative images of the gel images are shown.

instar) and remained relatively stable before decreasing again soon after adult eclosion;
a profile that is reminiscent of 20E titers over the same period (Fig. 1B). The other three
transcripts (LhCht2, LhCht3, and LhCht4) had profiles similar to that of LhCht1, albeit
not as pronounced.

DISCUSSION

Despite the economic importance of Lygus bugs, little is known about the mechanisms
driving molting in these species. To address this deficiency, we explored fundamental ques-
tions regarding the underlying hormonal and molecular mechanisms. In most insects, the
molt is preceded by a significant increase in circulating ecdysteroid titers (Merzendorfer
and Zimoch, 2003; Zitnan and Adams, 2005). Consistent with this paradigm, L. hesperus
ecdysteroid levels peaked about 2 days prior to adult eclosion (Fig. 1B). The critical role
of 20E in the L. hesperus molt was demonstrated with the addition of exogenous 20E one
day after the occurrence of peak titers (when 20E titers normally have declined), a treat-
ment that extended the fifth stadium and significantly increased mortality at the time of
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the adult molt, with most nymphs incapable of escaping the exuvium (Fig. 2A and B).
Similarly impaired molts/incomplete ecdyses in response to exogenous 20E application
have been reported for other species (Kubo et al., 1981; Tanaka and Naya, 1995; Wang
et al., 2012; Sun et al., 2015). The timing and duration of the ecdysteroid pulse is thus
critical to the initiation of the molt. While a detailed understanding of the role of ecdys-
teroids exists in holometabolous insects, their function in hemimetabolous insects is not
as well known. However, it is clear that 20E levels affect an intricate transcriptional regula-
tion cascade involving multiple nuclear receptors, disruption of which can lead to poorly
timed molts and impaired ecdysis (Mané-Padrós et al., 2010, 2012; Cruz et al., 2008).

A critical component of insect growth and development is molt-dependent degrada-
tion of the chitinous structures that are extensively distributed throughout ectodermal
epithelial tissues, a process catalyzed by chitinases. Elevated chitinase expression has been
shown to coincide with molting in M. sexta (Kramer et al., 1993), B. mori (Kim et al., 1998),
Hyphantria cunea (Kim et al., 1998), Spodoptera litura (Shinoda et al., 2001), S. exigua (Zhang
et al., 2012), H. armigera (Ahmad et al., 2003), Locusta migratoria (Li et al., 2015), and N.
lugens (Xi et al., 2015). In this latter species, eight of the 12 putative chitinases exhib-
ited rhythmic expression timed to both nymphal–nymphal and nymphal–adult molts. We
observed a similar pattern of expression with four of the putative LhChts that coincided
with molting (Fig. 5B) and which was reminiscent of changes to the ecdysteroid titer (Fig.
1B). Consistent with this observation and the transcriptional activator role of ecdysteroids
in regulating the insect molt, a number of chitinases are induced by either exogenous
20E or one of its bioactive analogs (Koga et al., 1991; Kramer et al., 1993; Royer et al.,
2002; Zheng et al., 2002; Yang et al., 2013; Li et al., 2015). However, the direct role of
20E in the transcriptional response may be chitinase specific. A recent study by Li et al.
(2015) identified two group I chitinases (LmCht5-1 and LmCht5-2) in Locusta migratoria;
LmCht5-2 was strictly a 20E primary-responsive gene whereas LhCht5-1 exhibited both
primary and secondary 20E responses. The 20E transcriptional response may be further
regulated by the microRNA (miRNA) machinery as evidenced by the role reported for
miRNA-24 in regulating the H. armigera chitinase hachi (Agrawal et al., 2013). There are
also likely interaction effects with circulating concentrations of JH, which has been shown
in other species to downregulate (Fukamizo and Kramer, 1987; Koga et al., 1991; Kramer
et al., 1993) or promote (Royer et al., 2002) chitinase gene expression.

Initially identified as solitary genes (Kramer et al., 1993; Kim et al., 1998), high-
throughput sequencing projects have since shown that insect chitinase-like sequences
comprise a relatively large and diverse family of genes (Fig. 3). The number of chitinase-
like genes present appears to be linked to a metamorphic lineage, with hemimetabolous
species generally having fewer chitinase genes compared with holometabolous species.
Based on phylogenetic analyses, expansion of the chitinase family in holometabolous
species, in particular members of Diptera and Coleoptera, is likely the result of successive
gene duplications. Nakabachi et al. (2010) suggested that the gene expansion might
reflect the need for extensive remodeling of body structures during development in
holometabolous species; thus, the need for a multitude of degradation enzymes that can
be expressed in different tissues and developmental points. In support of this, chitinase-
like genes often differ in size, expression profile, domain architecture, and functionality
(Zhu et al., 2008a; Zhang et al., 2011; Zhang et al., 2012; Xi et al, 2015).

Currently, the insect chitinase-like family can be phylogenetically subdivided into
eight groups or clades (Fig. 4), constituents of which often exhibit distinctly different
developmental expression patterns and tissue specificity as well as differences in substrate
specificity and biochemical properties. Based on RNAi-mediated knockdown studies (Zhu
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et al., 2008b; Khajuria et al., 2010; Zhang et al., 2012; Li et al., 2015; Xi et al., 2015), group
I and II genes appear to function in cuticular digestion, group III in abdominal con-
tractions and wing expansion, and group IV in degradation of chitin in the peritrophic
membrane that lines the lumen of the midgut. Among these groups the group I chitinases
have been most extensively studied, with multiple genes, many of which appear to be the
result of gene duplications, reported in Anopheles gambiae (five), Aedes aegypti (four), Culex
quinquefasciatus (three), Locusta migratoria (two), P. humanus (two), and N. lugens (two).
Similar to L. hesperus, the latter species is also a hemipteran pest, however, phylogenetic
analysis of the LhChts clustered only one, LhCht1, with the group I chitinases. This could
indicate that our inventory of LhChts is incomplete, which is possible since the transcrip-
tomic data analyzed were generated from whole body adults and would thus be deficient
in genes restricted to the nymphal stages. Alternatively, given that the complement of
chitinase-like sequences we identified in our transcriptomic data are comparable to the
genomic results reported for other hemipterans (Fig. 3), the lack of multiple group I
chitinases could reflect differentiation between the two species. Indeed, only a single
group I gene was identified in A. pisum (Nakabachi et al., 2010).

Because of their crucial role in insect growth and development, chitinases have been
proposed as potential candidates for targeted disruption by chemical-based pesticides
or, more recently, transgenic approaches. Indeed, the lethal phenotype (i.e., incomplete
ecdysis) reported in a number of species following RNAi-based knockdown of various chiti-
nases (Zhu et al., 2008b; Zhang et al., 2012; Li et al., 2015; Xi et al., 2015) supports this
potential. Furthermore, Agrawal et al. (2015) recently reported cessation of H. armigera
larval molting after feeding on transgenic tobacco engineered to express a miRNA target-
ing the H. armigera group I chitinase hachi. Future studies in L. hesperus will focus on using
RNAi-based methods to elucidate the roles of the 10 chitinase-like sequences in molting
and determining their potential usefulness in controlling populations of this pest species.
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